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Abstract
Medina Jiménez, B. I. 2021. Single-cell RNA sequencing as a tool to study panarthropod 
evolution. 46 pp. Uppsala: Department of Earth Sciences.

Panarthropoda is a monophyletic group comprised of arthropods and lobopods, molting 
animals with a segmented body, paired appendages, dorsal brain, and ventral nerve cords. 
Evolutionary Developmental Biology (EvoDevo) is an interdisciplinary field that seeks to 
understand how changes in development form the basis for variations in morphology and 
phenotypic evolution, including the genetic network underlying these processes. To study the 
evolution of panarthropods from such an EvoDevo perspective, one typically uses standard 
molecular techniques. A first step here is to investigate the expression of a gene of interest in 
order to find out where and when it is transcribed during development. A hallmark of EvoDevo 
studies is its comparative character, often with respect to model organisms such as the fruit fly 
Drosophila melanogaster.

Recently developed single-cell RNA sequencing technologies allow the profiling of a 
plethora of gene expression on the level of individual cells, and thus provide a much more 
detailed insight into gene expression.

In Paper I, I applied standard molecular techniques used in EvoDevo research such as PCR, 
gene cloning, probe synthesis and whole mount in situ hybridization, to investigate the em-
bryonic expression patterns of the tiptop/teashirt (tio/tsh) and spalt (sal) genes in a range of 
arthropods representing all main groups of this phylum, and an onychophoran. In the arthro-
pod model Drosophila, these genes act as trunk-specifiers, and the objective of my work was 
to find out if this is conserved in Arthropoda or even Panarthropoda as a whole. I provide 
comprehensive data on arthropod tio/tsh and sal expression, including the first data from an 
onychophoran. The results support the idea that tio/tsh genes are involved in the development 
of ‘trunk’ segments by regulating limb development. In addition, my data suggest that the 
function of Sal is unlikely to be conserved in trunk vs head development. Early expression of 
sal, however, is in line with a potential homeotic function of this gene, at least in Arthropoda. 

In Paper II, I provide an embryonic tissue dissociation protocol for embryos of the common 
house spider Parasteatoda tepidariorum that I developed and that I successfully applied for 
single-cell RNA sequencing. In addition, I report on the progress of this experiment, and pro-
vide and discuss preliminary results.
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Introduction 

Arthropods and their closest relatives 
Arthropods are vastly diverse invertebrate animals. The term ‘Arthropod’ may 
not be familiar to many, but most people are familiar with the animals ‘hiding’ 
behind this term. Familiar arthropods are for example beetles, bees, butterflies, 
ants, mosquitoes, centipedes, spiders, crabs, and lobsters. On surface, they 
might not seem related. However, there is a clue about their similarities in the 
name ‘arthropod’. It comes from the Greek words arthron and pous, which 
mean ‘joint’ and ‘foot’, respectively. Every invertebrate animal identified as 
an arthropod shares the trait of having jointed appendages. Another feature 
common to all arthropods is that their jointed appendages like all their organ 
systems (e.g. the body wall, nervous system, musculature, ganglia) are serially 
iterated anterior-posteriorly, giving their bodies a segmented architecture 
(Goodrich, 1987; Budd, 2001). These segments are covered by hardened 
plates that form a protective exoskeleton made of a polymer called chitin. Ar-
thropods shade and replace their exoskeleton periodically, which allows them 
to grow. Throughout their evolutionary history, specialization of segments and 
limbs have granted arthropods a high level of adaptability to a wide variety of 
habitats, making them the most successful group of animals (Budd, 2001; 
Budd & Telford, 2009). Arthropod segments are arbitrarily grouped into func-
tional morphological units called tagmata, which can be distinguished by how 
specialized the limbs they bear are. Arthropods are divided into three living 
groups: Pancrustacea, Myriapoda, and Chelicerata.  

Pancrustacea is comprised by Hexapoda and ‘Crustacea’. Hexapods have 
their segmented body constituting three tagmata: head, thorax, and abdomen. 
The head of hexapods bears one pair of antennae, and three pairs of mouth 
appendages that include a pair of mandibles, and two pairs of maxillae (the 
second pair is fused into a single structure called labium). The thorax carries 
three pairs of walking limbs. The segments comprising the abdomen have lost 
their limbs. Within Hexapoda, there is a group of arthropods that are capable 
of flying because they possess one or two pairs of wings. These are the insects. 
Typical insects are flies, beetles, wasps, bees, ants, and butterflies. Under the 
Pancrustacea concept, ‘Crustacea’ is considered paraphyletic to Hexapoda 
(Richter, 2002; Cook, et al., 2005; Carapelli, et al., 2007; Giribet & 
Edgecombe, 2011). Crustaceans often have the head and the thorax fused into 
one region called ‘cephalothorax’ covered by a thick dorsal shield. Typically, 
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the cephalothorax bears two pairs of antennae, three pairs of mouth append-
ages (one pair of mandibles and two pairs of maxillae), and as many as five 
pairs of walking limbs. The abdomen bears up to five pairs of modified ap-
pendages for respiration, swimming, or holding offspring. Shrimps, crabs, 
prawns, barnacles, and lobsters are some examples of crustaceans.  

The body of myriapods is divided into two tagmata: a head bearing only 
one pair of antennae, a pair of mandibles and two pairs of maxillae (some 
millipedes like Glomeris marginata have lost the second pair of maxillae) as 
mouth appendages, and a trunk with numerous walking limb-bearing seg-
ments. Typical myriapods are the centipedes and millipedes. Centipedes have 
their first pair of walking limbs transformed into a pair of poisonous fangs. 
While millipedes feed on detritus, centipedes mostly feed on soft bodied ani-
mals. Pancrustaceans and myriapods are grouped together in a clade called 
Mandibulata thanks to the shared presence of mandibles, specialized food-
processing appendages (Regier, et al., 2010; Rota-Stabelli, et al., 2011).  

Chelicerata is the sister group of Mandibulata (Dunn, et al., 2008; Regier, 
et al., 2010; Rota-Stabelli, et al., 2011). This group is comprised by animals 
like spiders, scorpions, harvestmen, ticks, mites, and horseshoe crabs, which 
have their body divided into two tagmata called prosoma and opisthosoma. In 
spiders, these tagmata are linked by a narrow stalk called the pedicel. The 
prosoma bears two specialized pairs of appendages called chelicerae and ped-
ipalps, and typically four pairs of walking limbs. The opisthosoma of spiders 
bears a series of heavily-modified appendages. These are the spinnerets, the 
tracheal tubes and the book lungs. In mygalomorph spiders, like tarantulas, 
there are two pairs of book lungs, and no tracheal tubes, and the anterior pair 
of spinnerets is reduced (Coddington & Levi, 1991; Foelix, 1996). 

The group of animals that is most closely related to arthropods are the lo-
bopods (from the Greek lobos and pous, literally ‘blunt feet’). Lobopods are 
segmented invertebrates with soft bodies and stubby appendages that lack 
joints. Like arthropods, lobopods molt. Although this group of animals is 
mostly comprised of extinct taxa, there are two living groups: Tardigrada and 
Onychophora.  

Tardigrades, commonly known as “water bears”, are microscopic animals 
with a barrel-shaped body divided into two tagmata: a head with a terminal or 
ventral mouth, and a trunk comprised of four segments carrying a pair of un-
jointed legs each (Dewel, et al., 1993; Kinchin, 1994; Nielsen, 1995). Tardi-
grades are found in a variety of habitats such as soil, benthos, and moss cush-
ions. Thanks to their ability to enter an anhydrobiotic state (living without 
water) by forming cysts, they are capable of surviving extreme conditions, like 
desiccation, freezing, high radiation levels, and even exposure to outer space 
conditions (Jönsson, 2001; Møbjerg, et al., 2011; Persson, et al., 2011; 
Rebecchi, et al., 2011).  

Onychophorans (from the Greek onyches which means ‘claws’ and 
pherein, ‘to carry’) commonly known as “velvet worms”, are terrestrial worm-
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like animals whose anatomy has changed little since the Early Cambrian 
(Bergström & Hou, 2001; Budd, 2020), for which they are often called “living 
fossils” (Ghiselin, 1984; Monge-Najera, 1995; Hou, 1997; Monge-Nájera & 
Xianguang, 2002; Maas, et al., 2007; Budd, 2020). Their body is comprised 
of a head made of three specialized segments (antennae-, jaw-, and slime pa-
pillae bearing), a trunk divided into 13 to 43 leg-bearing segments, and an anal 
cone (Storch & Ruhberg, 1993). Onychophorans are typically found in decay-
ing logs, soil and leaf litter, and are predators that use the slime papillae to 
eject a secretion that sticks onto the body of their prey, usually arthropods like 
crickets, to immobilize it (Manton & Heatley, 1937; Read & Hughes, 1987). 

Both arthropods and lobopods, together with stem-group arthropods and 
extinct groups of lobopods, form a monophyletic group called Panarthropoda 
(Nielsen, 1995) (Figure 1), comprised of molting animals with a segmented 
body, paired appendages, dorsal brain, and ventral nerve cords (Nielsen, 1995; 
Zantke, et al., 2008). 

 
 

 
Figure 1. Phylogenetic position and inter-relationships of panarthropods compared 
to other bilaterians. Reprinted and modified from Borner et al., 2014. 

 



 12 

Panarthropod research animals 
To cover Arthropoda in my research projects, I chose an insect, the red flour 
beetle Tribolium castaneum (Herbst, 1797) (Figure 2a), a myriapod, the pill 
millipede Glomeris marginata (Villers, 1789) (Figure 2b), and a chelicerate, 
the common house spider Parasteatoda tepidariorum (Koch, 1841) (Figure 
2c). In addition, I used the blue velvet worm Euperipatoides kanangrensis 
(Reid, 1996) (Figure 2d) to expand my research towards Onychophora and 
thus Panarthropoda. Their phylogenetic relationships are depicted in Figure 3. 

The main arthropod model system, the fruit fly Drosophila melanogaster 
is highly derived and represents a so-called ‘long germ’ mode of development 
where all segments appear essentially at the same time (Davis & Patel, 2002). 
In most other arthropods, however, only the anterior region of the embryo de-
velops more or less simultaneously from the blastoderm, but posterior seg-
ments are formed progressively from the segment addition zone (SAZ) located 
at the posterior end of the developing embryo. This mode of development that 
is shared by the vast majority of arthropods is called ‘short germ’ mode (Peel, 
et al., 2005). Therefore, there has been a growing tendency to prefer other 
insect species such as the beetle Tribolium over Drosophila as model organ-
ism for evolutionary and developmental studies (Denell, 2008; Schröder, 
Beermann, Wittkopp, & Lutz, 2008). Indeed, this ancestral mode of ‘short 
germ’ development is in principle also conserved in onychophorans and tar-
digrades (Eriksson & Tait, 2012; Hejnol & Schnabel, 2005).  

The red flour beetle Tribolium castaneum 
This beetle is distributed worldwide, and is found in crops and warm storage 
facilities feeding on grain, flour, rice and similar dried food products. The 
damage it causes makes Tribolium a pest of great economic impact. Mature 
females lay 2 to 13 eggs (ca. 0.6 mm length x 0.3 mm diameter) per day and 
bury them in the flour. Depending on the temperature, embryonic develop-
ment takes 3 to 5 days (Good, 1936). The generation time of Tribolium is 
about 55 days (Bucher, 2009). Methods for rearing these beetles are well es-
tablished, and these animals can easily be kept in large quantity under labora-
tory conditions where they reproduce all year round (Bucher, 2009). Almost 
all experimental methods established in Drosophila have also been established 
in Tribolium, adding to its status as model organism. 

The pill millipede Glomeris marginata 
The millipede Glomeris is found across Europe dwelling in leaf litter and cal-
careous soil, feeding on detritus. Its common name comes from its ability to 
roll into a ball, which serves as a defense mechanism against predators. Fe-
males encapsulate each of their eggs separately inside a shell made of digested 
soil before depositing them on the ground. This keeps the embryos moist and 
protected throughout their development. Females lay 70 to 80 eggs (spherical, 
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ca. 0.8 to 1 mm diameter) in spring and summer. Embryonic development 
takes around two weeks. The generation time of Glomeris is around 3 years 
(Nichols, et al., 1971).  It is not yet possible to rear Glomeris millipedes in the 
laboratory, but mature females can be kept in the lab for several weeks during 
which they keep laying eggs. Standard experimental tools have been estab-
lished for Glomeris, but functional studies are not yet possible in Glomeris or 
indeed any other investigated myriapod.  

The common house spider Parasteatoda tepidariorum 
Parasteatoda is a worldwide-distributed cobweb spider often found in human 
dwelling places. It is territorial, and while it typically feeds on other small 
arthropods, mainly insects such as cockroaches and mosquitoes, it also has 
cannibalistic tendencies. Female adults lay up to 400 eggs (spherical, ca. 0.5 
mm diameter) in silken cocoons up to once a week and more or less all year 
around (Miyashita, 1987; McGregor, et al., 2008). Eggs inside the cocoon de-
velop synchronously, and their embryonic development takes 8 to 10 days. 
The generation time of Parasteatoda is about 50 to 60 days (Miyashita, 1987; 
Hilbrant, et al., 2012). Rearing under laboratory conditions is easy to set up 
given its primary habitat. Standard experimental tools including functional 
studies have been established in Parasteatoda, and this adds to its status as 
emerging model organism (Hilbrant, et al., 2012).  

The blue velvet worm Euperipatoides kanangrensis 
This onychophoran is endemic to a few small areas within the Kanangra-Boyd 
National Park, New South Wales, Australia. Euperipatoides is terrestrial and 
usually found on the leaf litter, and inside rotting logs of trees. It feeds on 
other invertebrates overturning its prey by squirting a glue-like substance 
through its slime papillae, a modified appendage in its head. Velvet worms 
from the genus Euperipatoides are rather territorial, forming social groups for 
hunting and living (Reinhard et al., 2005). Euperipatoides eggs are retained in 
the mother’s paired uteri until they develop into miniature adults. Gravid fe-
males of Euperipatoides typically carry 30 to 150 embryos (ca. 1.5 mm length 
x 1 mm diameter) (Eriksson & Tait, 2012; Janssen & Budd, 2013). Embryos 
do not develop synchronously. Instead, developing embryos represent a series 
of consecutive developmental stages. Their developmental time is unknown 
but might take months. The generation time of Euperipatoides is also unclear. 
However, it is assumed that it takes several years (Personal communication 
with Ralf Janssen, who received this information from Noel Tait). Given these 
conditions, it is time-consuming to breed blue velvet worms under laboratory 
conditions. Standard experimental tools have been established in Euperi-
patoides, but no functional studies have been established yet. 

Phylogenetic distribution, availability, and established molecular biologi-
cal methods make these animals, which I chose for my experiments, useful 
candidates for Evolutionary Developmental (EvoDevo) investigation. 
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Figure 2. Panarthropod research animals. Pictures taken by Ralf Janssen unless 
stated otherwise. (a) Tribolium castaneum. Source: vilkenart.se ©2013 taken by Lars 
GR Nilsson. (b) Glomeris marginata. At the top right, there are a female (bigger 
specimen) and a male copulating. At the bottom center, there is a female encapsulat-
ing an egg in soil. Lower left corner represents a rare color variant. (c) Mature fe-
male of Parasteatoda tepidariorum taking care of her cocoon. (d) Mature Euperi-
patoides kanangrensis specimens roaming on litter. 

  
Figure 3. Cladogram showing phylogenetic relationships of the panarthropod re-
search organisms used in this work. 
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What is EvoDevo?  
EvoDevo stands for Evolutionary Developmental Biology. It is a research 
field that attempts to intersect two disciplines in life sciences, Developmental 
Biology (how organisms form) and Evolutionary Biology (how organisms be-
came so diverse). Much has been discussed about the scope of this interdisci-
plinary area since its appearance (Hall, 1998; Wilkins, 2001; Hall & Olson, 
2003; Minelli, 2003; Carroll, et al., 2005; Minelli & Fusco, 2008). The ulti-
mate goal of EvoDevo is to understand how changes in development underpin 
variations in morphology and phenotypic evolution.  

A classical EvoDevo research strategy is the so-called ‘candidate gene ap-
proach’. Knowledge of the presence and function of a given gene established 
in a model organism (e.g. the fruit fly Drosophila melanogaster) serves as a 
starting point. The protein sequence of such a candidate gene is then used as 
bait to find orthologous in other organisms of interest via sequence compari-
son (BLAST search). Once a gene of interest is identified in another species, 
a first step is to investigate the gene’s spatial and temporal expression pattern 
and to compare this with the data from the original model organism (e.g. Dro-
sophila). A comparable expression pattern suggests the same or similar func-
tion.  

An important point of EvoDevo research is the ‘comparative’ character that 
should (if possible) range beyond the mere comparison of two more or less 
related species. For this reason, many researchers consider EvoDevo to essen-
tially be Comparative Developmental Genetics (e.g. Carroll, et al., 2005). 
Proper EvoDevo research demands comparison of species along the phyloge-
netic tree, as fine-scaled as possible. The comparative nature of EvoDevo has 
allowed the inclusion of many more organisms in research beyond the stand-
ard models, making many of them emerging models of their respective group 
(see section on Panarthropod Research Animals).  
In the following section, I introduce some of the standard techniques used in 
EvoDevo research.  

Standard techniques in EvoDevo research 
mRNA extraction and cDNA synthesis 
Embryos are collected, and washed in bleach. This removes bacteria and pos-
sible other organisms such as mites and thus possible sources of contamina-
tion. This treatment also removes the outer membrane of the embryos, the 
chorion, but leaves the inner membrane, the vitelline membrane, intact. The 
intact inner membrane assures that the bleach does not interfere with the em-
bryo. To extract all RNA from the embryos (bulk RNA) one follows a protocol 
that includes tissue trituration, cell lysis, and separation of RNA from DNA 
and proteins. Messenger RNAs (mRNA) possess poly(A)-tails. To isolate 
mRNA from total RNA, poly(T) oligomers that are conjugated to magnetic 
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beads are added to the total RNA. The poly(T) oligomers bind specifically to 
the poly(A) tails of mRNAs. In a final step, poly(T)-poly(A) hybrids can be 
collected with a magnet. 

In order to amplify target genes for gene cloning, it is necessary to reverse 
transcribe the isolated mRNAs back into DNA. This is done by using the en-
zyme reverse transcriptase, which uses the mRNAs as template to synthesize 
complementary DNA strands (cDNA). 

Transcriptome sequencing (RNA-seq) 
To identify the candidate genes of interest in a research organism, one needs 
to know the sequences of these genes. Therefore, bulk RNA-sequencing of the 
complete set of mRNAs, the transcriptome, is necessary. To achieve that, one 
extracts the mRNA from embryos at all developmental stages, and then syn-
thesizes cDNA from it. After that, the cDNA is sequenced using automatized 
next generation sequencing machines such as Illumina HiSeq2000. The output 
of a sequencing process is a set of inferred sequences of base pairs that corre-
spond to a whole DNA fragment or part of it, called ‘reads’. These reads are 
assembled into an embryonic transcriptome.  

Identification of candidate genes 
To identify candidate genes, known protein sequences of a related species, the 
bait, (often Drosophila) are used to run a BLAST search against the sequenced 
embryonic transcriptome of the target animal. Typically, the best hit repre-
sents the ortholog of the bait protein in the target species. To check this, a 
reciprocal BLAST search has to be done of the best hit against the genome or 
transcriptome of the bait organism (in this case Drosophila). The result of the 
reciprocal BLAST must then correspond with the initial bait. For proper anal-
ysis of gene orthology, typically a Bayesian analysis has to be performed. 

Gene amplification and gene cloning 
Specific DNAs (genes) can be isolated from a pool of cDNAs by amplification 
using the enzyme DNA polymerase and gene specific primers, short fragments 
of DNA that are complementary to each strand of the target DNA. This pro-
cess is called Polymerase Chain Reaction (PCR).  

Amplified gene fragments are then ligated into a bacterial vector forming 
a recombinant plasmid. These plasmids are then transferred into bacteria via 
heat shock (or electroporation). The bacteria are plated on agar and grow into 
colonies. Plasmids are subsequently amplified, extracted, and sequenced. To 
verify whether the sequence of the cloned plasmids corresponds to the candi-
date gene, one performs a BLAST search against the transcriptome of the or-
ganism.  
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Embryo fixation for Whole Mount in Situ Hybridization (WISH) 
Panarthropod embryos are typically protected by two membranes, the outer 
chorion and the inner vitelline membrane. It is necessary to either remove the 
chorion and vitelline membrane before adding the fixative solution (paraform-
aldehyde in phosphate buffered saline), or render these membranes permeable 
for the fixative. The rubber-like chorion and vitelline membrane of Euperi-
patoides embryos can easily be removed prior to fixation using tweezers. For 
all arthropods used in this study, the chorion is removed by adding bleach to 
the embryos for a few minutes. The vitelline membrane is not removed by this 
procedure. Because the fixative solution cannot access the embryo through the 
vitelline membrane, one adds heptane to the solution, and shakes it to produce 
bubbles of heptane that can trap the fixative inside. The hydrophobic nature 
of heptane allows the fixative to penetrate the vitelline membrane. After fixa-
tion, the fixative is replaced by 100% methanol to generate an osmotic shock 
that will make the vitelline membrane crack open allowing the embryos to fall 
out. In case the membrane is still surrounding the embryo, it has to be carefully 
removed with tweezers. Finally, fixed embryos are stored in methanol in a 
freezer at -21°C for long time storage.  

Whole Mount In Situ Hybridization (WISH) 
DNA fragments that have been cloned into a bacterial vector (plasmid) can be 
reverse transcribed into a labelled anti-sense RNA that can serves as a probe 
in WISH. The probe hybridizes with the target mRNA (sense RNA) wherever 
it is present. The label on the probe then allows the detection of the probe-
target mRNA hybrids via a label-specific antibody that is conjugated to the 
enzyme alkaline phosphatase. In a final step, a colorless soluble staining dye 
containing phosphate is added that turns blue and precipitates when 
dephosphorylated. This chemical reaction occurs only in the presence of the 
alkaline phosphatase that is correlated with the probe and thus the target gene. 
As a result, every cell and tissue where this happens is stained in blue. This 
technique allows the visualization and characterization of gene expression pat-
terns in space and time (Figure 4).  

Functional analysis via RNA-interference 
It is possible to degrade the mRNA of a target gene by introducing target-gene 
specific double stranded RNAs (dsRNAs) into the cells of living animals. For 
this, dsRNA is either injected into developing embryos (embryonic RNAi) or 
into the mother prior to egg deposition (parental RNAi). As a result, the cells 
that are exposed to dsRNA digest RNAs that are complementary to either of 
the two strands of the inserted dsRNA. This is likely a defense mechanism of 
the cell against viral attacks (Hannon, 2002). Consequently, the degradation 
of specific mRNAs significantly reduces the level of translation of that spe-
cific mRNA into protein. This technique, called RNA-interference (RNAi), 
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leads to gene-specific alterations or defects in development that can reveal the 
gene’s function, or at least aspects of it. 

In Paper I, I applied most of the aforementioned standard molecular biology 
techniques (i.e. PCR, gene cloning, probe synthesis and WISH).  

 
Figure 4. Schematic of Whole Mount In Situ Hybridization. Reprinted from Lee, et 
al., 2013.  

 

Single-cell RNA sequencing as an innovative alternative 
in EvoDevo research 
A recently developed technology called single-cell RNA sequencing (scRNA-
seq) allows the profiling of gene expression in individual cells, as opposed to 
the average between cell populations obtained in bulk RNA sequencing (Fig-
ure 5). Instead of straightforwardly extracting RNA from a whole organism, 
or a tissue (see section on Standard techniques in EvoDevo research), its in-
dividual cells are first dissociated by mechanical manipulation (e.g. trituration 
with tweezers, pipetting, shaking) in an enzymatic or non-enzymatic dissoci-
ation mixture. For optimal results, it is recommended that over 85% of the 
cells stay alive and the concentration of the suspension is between 700 and 
1200 cells/µl (10x Genomics, 2018). 

To extract the RNA of the dissociated cells, I follow the Chromium™ Sin-
gle Cell Gene Expression protocol offered by 10x Genomics®, in which the 
suspension containing dissociated cells is mixed with reagents for reverse 
transcription. Then each cell (plus the enzyme kit) is encapsulated with a bar-
coded gel bead into an oil droplet by emulsion in a microfluidic device (i.e. 
Chromium™ Controller), forming single cell gels-in-emulsion (single cell 
GEMs) (10x Genomics, 2019). Each gel bead has oligomers attached to its 
surface. Each oligomer is made of a series of barcodes and a poly(T)-tail that 
is used to hybridize with a mRNA molecule by the poly(A)-tail in its 3’ end. 
The barcodes include one sequence common to all oligomers on a given gel 
bead that serves as ‘cell barcode’, and another called ‘unique molecular iden-
tifier’ (UMI) that is specific to each oligomer (Figure 6b). After the formation 
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of GEMs, cell lysis is induced and the captured cell releases its transcripts. 
Transcripts attach to the barcoded oligomers on the gel bead. Then, each bar-
coded transcript is reverse transcribed into cDNA, and the gel bead and rea-
gents are removed, leaving only the barcoded cDNA in the suspension. Sub-
sequently, each cDNA is amplified by PCR to construct a cDNA library (Fig-
ure 6c). Sequencing follows (cf. Transcriptome sequencing (RNA-seq)). The 
resulting reads are assigned to their cell of origin based on their corresponding 
barcodes, a process called ‘demultiplexing’. Typically, the produced short 
reads are aligned (mapped) to a genome or a transcriptome, depending on its 
availability, to infer which transcripts are expressed and to quantify them. The 
applied method targets 3´UTRs and therefore it is an advantage of mapping 
the reads to a genome rather than a transcriptome, because the UTRs of tran-
scriptomic sequences are often incomplete. However, almost all genomes are 
incomplete (not fully sequenced and assembled), and this can cause problems 
identifying genes. Furthermore, insufficient annotation of genomes can lead 
to the loss of identifiable genes if the sequence is considered intergenic. The 
latter problems are usually not present in sequenced transcriptomes.  

Single cell gene expression software pipelines like Cell Ranger from 10x 
Genomics will generate a gene expression matrix that can be visualized and 
analyzed (Figure 6a).  

A quality control is needed to filter out reads corresponding to GEMs that 
do not contain cells, and GEMs with very low UMI count. These reads are 
considered background RNA. 

With scRNA-seq, it is possible to elucidate the changes happening in gene 
expression during cell differentiation and specialization, to characterize cellu-
lar heterogeneity, to explore and classify cell types, and to identify genes that 
are differentially expressed in certain cell types (Marioni & Arendt, 2017).  

There are some limitations of this technique. One is that live cell isolation 
is very difficult to achieve in solid, or very delicate tissues (e.g. brain tissue). 
There is also the risk of altering the transcriptome of the cells given the stress 
induced by mechanical manipulation, enzyme activity and extended time 
spent in the process of dissociation.  

Recently, alternative techniques have been developed to overcome these 
problems. One of them is single-nuclei RNA sequencing (snRNA-seq), in 
which instead of capturing whole live cells to get their complete transcriptome 
we only extract the precursor messenger RNA molecules (preRNAs) inside 
the nucleus. The procedure requires the trituration of the tissue and the use of 
enzyme cocktails, as well as filtering using cell strainers to reduce the amount 
of debris in the suspension. A caveat is the loss of cytoplasmic RNA and high 
levels of introns (non-coding regions in the RNA) due to the immature state 
of the mRNAs inside the nuclei. 

 In Paper II, I performed whole embryo dissociation for single-cell RNA 
sequencing to obtain single cell transcriptome data from Parasteatoda em-
bryos. 
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Figure 5. Single Cell RNA sequencing vs Bulk RNA sequencing. Source: 10X Ge-
nomics 

 

 
Figure 6. Single Cell RNA sequencing using the Chromium™ Single Cell 3’ Solu-
tion by 10X Genomics. (a) Workflow schematic overview. (b) Formation of gel 
beads in emulsion (GEMs), reverse transcription (RT) takes place inside each GEM, 
which is then pooled for cDNA amplification and library construction in bulk. (c) 
Single Cell Assay schematic overview. 
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Paper I: Panarthropod tiptop/teashirt and spalt 
orthologs and their potential role as “trunk” –
selector genes 

Background 
Transcription factors are proteins that bind to specific DNA sequences to start 
and regulate the process of gene transcription. In the fruit fly Drosophila mel-
anogaster, certain groups of genes, such as the Hox genes and Gap genes, 
code for transcription factors that control the identity of body segments and 
the formation of functional units (tagmata) like the head. To achieve this, they 
work in collaboration with other protein coding genes establishing regulatory 
networks. Two of these genes code for the transcription factors Teashirt (Tsh) 
and Spalt (Sal) (Jürgens, 1988; Fasano, et al., 1991; Kühnlein, et al., 1994). 

The homeodomain encoding gene teashirt (tsh) was found to be expressed 
in the entire trunk region of the Drosophila embryo and interacts with trunk 
Hox genes to repress characteristics of anterior segments in the trunk (Röder, 
et al., 1992; de Zulueta, et al., 1994; Andrew, et al., 1994). tsh also interacts 
with Gap genes to specify segments (Sanders, et al., 2008), and helps provid-
ing leg-identity to trunk appendages (Herke, et al., 2005). In Drosophila, there 
is also another gene closely related to tsh, called tiptop (tio), that shares some 
of the functions of tsh (Laugier, et al., 2005; Bessa, et al., 2009). Studies in 
other arthropod species such as the beetle Tribolium castaneum, the milkweed 
bug Oncopeltus fasciatus, the centipede Lithobius atkinsoni, and the spider 
Parasteatoda tepidariorum show that in these species there is only one 
ortholog of tio and tsh, called tiptop/teashirt (tio/tsh). In these animals, the 
expression of tio/tsh is similar to that of Drosophila tsh, suggesting that the 
function of this gene as a trunk selector could be conserved (Herke, et al., 
2005; Shippy, et al., 2008; March, et al., 2018). 

In Drosophila, the zinc finger encoding spalt (sal) gene is expressed ante-
rior and posterior adjacent to tsh and controls the anterior and posterior bor-
ders of tsh expression, thereby restricting tsh expression to the trunk (Röder, 
et al., 1992; Kühnlein, et al., 1994). However, sal orthologs of other arthro-
pods do not seem to regulate the expression of tio/tsh (Copf, et al., 2006; 
Shippy, et al., 2008). There are however not enough comparative studies on 
sal expression patterns to know for sure whether its interaction with tsh as 
trunk-specifiers is conserved in panarthropods as a whole. 
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Results and Discussion 
I characterized the expression patterns of the tsh and sal orthologues in the 
embryos of three arthropods, the beetle Tribolium, the millipede Glomeris 
marginata, and the spider Parasteatoda, and one onychophoran, the velvet 
worm Euperipatoides kanangrensis throughout embryonic development. In 
order to distinguish the trunk from the head, the body segments that bear the 
least modified appendages - typically used for locomotion (i.e. legs) are arbi-
trarily considered ‘trunk’ segments, in contrast to the ‘head’ segments, which 
possess highly modified appendages with sensorial and feeding functions (see 
section on Arthropods and their closest relatives). My data showed that tio/tsh 
orthologs in panarthropods are expressed in developing walking limb (legs) 
and walking-limb like appendages but not in highly derived head appendages, 
and thus possibly regulate the development of walking-limb type trunk ap-
pendages. From an evolutionary standpoint, I suggest that only the most ante-
rior ‘frontal appendage-bearing’ segment in the last common ancestor of ar-
thropods and onychophorans did not express tio/tsh. Consequently, its expres-
sion domain must have shifted towards the posterior as more anterior seg-
ments became specialized as part of the head.  

sal expression profiles in my research animals do not support a conserved 
role for this gene as repressor of tio/tsh in trunk vs head development as ob-
served in Drosophila. Interestingly, knock-down of sal in Tribolium caused 
mild homeotic transformations (Berghammer, 2004), which means that the 
homeotic function of sal is partially conserved in the beetle. Furthermore, 
knock-down of sal in the brine shrimp Artemia franciscana shows that this 
gene has a role as repressor of three posterior Hox genes (Copf, et al., 2006). 
My findings show that the early expression of Tribolium and Glomeris sal is 
strikingly similar to the expression of the posterior Hox genes in these species 
(Hughes & Kaufman, 2002; Janssen & Damen, 2006), and later this gene is 
expressed in the segment addition zone (SAZ), which is also the case in Arte-
mia. There are two sal paralogs in the spider Parasteatoda. I observed that 
Parasteatoda sal2 is expressed in the SAZ, and Parasteatoda sal1 is ex-
pressed in distinct Gap-gene like regions along the anterior-posterior axis 
early in development. This pattern indicates a possible regulatory function on 
the Hox genes (cf. Schwager, et al., 2017). However, sal expression in the 
onychophoran Euperipatoides is less likely associated with a regulatory func-
tion of the Hox genes. For these reasons, it is possible that the ancestral func-
tion of sal as the regulation of the posterior Hox genes could be conserved at 
least in arthropods. To verify whether the ancestral role of sal as a conserved 
regulator of segment identity is conserved in Arthropoda as a whole, func-
tional studies are required. Currently, the best candidate species for such stud-
ies is the common house spider Parasteatoda for which RNAi has been firmly 
established (Oda & Akiyama-Oda, 2020).  
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Paper II: A simple dissociation protocol for 
single-cell RNA sequencing of spider embryos 

Background 
Single-cell RNA sequencing provides new insights into EvoDevo research 
from a cellular perspective (Marioni & Arendt, 2017). Therefore, the prospect 
of obtaining single-cell data from the panarthropod research organisms I work 
with is promising.  

Taking in consideration the advantage that represents having an assembled 
genome for such purposes (see section on Single-Cell RNA sequencing as an 
innovative alternative in EvoDevo research), I chose the common house spi-
der Parasteatoda tepidariorum, for which there is a decently sequenced, as-
sembled and annotated genome available (Schwager, et al., 2017). 
Parasteatoda is also the only species I currently work on (apart from Tribo-
lium) for which functional studies can be performed (via RNAi). This would 
allow me to conduct functional studies on genes of interest that I may discover 
by scRNA sequencing. Lastly, another reason why to choose Parasteatoda is 
the increasing interest in spider development and the growing spider-research 
community, including the continuous improvement of the quality of the se-
quenced genome.  

For the dissociation of embryonic tissue, I started with Parasteatoda em-
bryos at stage 10.1 (Figure 7) because at this stage there is a lot of tissue that 
contains differentiating and differentiated cells. In addition, performing whole 
mount in situ hybridization is possible at this stage (Hogvall, et al., 2018; 
Bonatto Paese, et al., 2018; Heingård, et al., 2019; Gruzin, et al., 2020). 

Results and Discussion 
I elaborated a protocol for dissociation of spider embryos for single-cell RNA 
sequencing. To achieve this, I conducted experiments in which I added enzy-
matic and non-enzymatic dissociation agents in selected buffers to spider em-
bryos. Experiments included removal of the embryos chorion and vitelline 
membrane, tissue fragmentation using tweezers and pipetting to speed the dis-
sociation process, subsequent filtering using cell strainers, and centrifugation 
and washing steps. First, I used a mixture of Glycine and EDTA in Calcium 
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and Magnesium free artificial sea water (CMF-ASW) at room temperature, 
adapting a dissociation protocol for larvae of the sea urchin Strongylocentro-
tus purpuratus (Paganos, et al., 2021). This experiment failed to dissociate any 
cells from spider embryos. Then, I followed the dissociation protocol for 
zebrafish (Danio rerio) embryos and larvae that uses a preheated mixture of 
100 mg/ml collagenase and 0.25% trypsin-EDTA in 1xPBS (Bresciani, et al., 
2018). Although dissociation was partially possible, the level of damaged cells 
was very high. Finally, I tried adapting the dissociation protocol for larvae of 
the annelid worm Platynereis dumerilii that uses two enzymatic dissociation 
mixtures, 0.5% Pronase and 1% sodium thioglycolate in CMF-ASW, and then 
150µg/ml liberase in 1xPBS (Achim, et al., 2018). After trying with different 
enzyme concentrations, the best effort yet yielded near 90% of live cells with 
a concentration of 920 cells/µl. Based on this result, I elaborated a preliminary 
dissociation protocol for stage 10.1 spider embryos. In this, a mixture of 250µl 
2% Pronase and 500µl 2% sodium thioglycolate in 250µl 1xPBS is added to 
about 50 embryos in a watchmaker glass for around 40 minutes at room tem-
perature, swirling and pipetting the suspension intermittently. The progress is 
monitored under the microscope every 20 minutes. Then the suspension is fil-
tered through a 40µm cell strainer, centrifuged twice at 800 rpm for 4 minutes 
with washes in 1xPBS. Then the pellet is re-suspended in 100µl 1xPBS and 
filtered through a 20µm cell strainer. The process takes roughly 1 hour.  

To perform single cell RNA sequencing, I used equipment and reagent kits 
provided by 10x Genomics® and followed their Chromium™ Next GEM Sin-
gle Cell 3’ version 3.1 protocol. I loaded 30 000 cells on the Chromium Con-
troller to generate single cell GEMs (see section on Single cell RNA sequenc-
ing as an innovative alternative in EvoDevo research). RT-PCR generated 
cDNA from this sample had a concentration of approximately 1.43 ng/µl. An 
electropherogram trace shows a series of peaks, and electrophoresis shows a 
band and smears, both representing gene transcripts of different sizes. The 
solid bands (Figure 8b - peak in Figure 8a) represent ribosomal RNAs and the 
smear represents mRNAs of different length. This indicates that the cDNA is 
of good quality, with little degradation of mRNAs.  

Subsequent cDNA library preparation yielded a final concentration of 37.6 
ng/µl. Sequencing was done using the Illumina NextSeq500 system at 250 
million reads. Analysis of the sequenced data is in progress (see section Pre-
liminary single-cell RNA sequencing data for spider embryos). 

Currently, I am optimizing the dissociation protocol on stage 10.1 embryos 
and hope to extend its application to earlier and later developmental stages. 
This includes adding DNAse to the dissociation mix to prevent DNA leakage, 
which was visible as a clumpy white string in the cell suspension. This string 
clogs the pipette tip when pipetting the suspension hindering the process of 
dissociation. I am conducting experiments to optimize the temperature range 



 25

in which the enzymatic dissociation mix works best in correlation to the sur-
vival rate of cells. This will likely help minimizing cell damage and (possibly 
occurring) transcriptome alterations. 

 
Figure 7. Parasteatoda tepidariorum embryo at stage 10.1. a) Lateral view, anterior 
to the left. b) Frontal view, anterior up. c) Posterior view, posterior up. d) Ventral 
view, anterior up. Abbreviations. GZ, growth zone (=segment addition zone); PcL, 
precheliceral lobe; Ch, chelicera; P, pedipalp; L, walking leg; O, opisthosomal seg-
ment. Scale bars 100µm. Reprinted and modified from Mittmann & Wolff, 2012. 
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Figure 8. Quality assay for cDNA obtained after cell capture and RT-PCR. a) Elec-
tropherogram trace resulting from a Bioanalyzer High Sensitivity DNA Assay. It 
displays the presence of amplified cDNA as a series of 22 peaks with the size of the 
most highly expressed transcripts written on top (the highest peak is 695 bp long). 
The size numbers in purple and green correspond to the upper and lower markers as 
shown in the virtual agarose gel on the right. Y axis: Arbitrary fluorescence units 
[FU] that measure the peaks intensity. X axis: migration time of the cDNA in sec-
onds. b) Electrophoresis using an Agarose 2% E-Gel precast system, which does not 
require pouring gels, making buffers or staining steps, shows a smeared column in-
dicating the presence of amplified cDNA. The very intense band corresponds to the 
highest peak in a). 
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Preliminary single-cell RNA sequencing data 
for spider embryos 

After single cell sequencing, the resulting reads were demultiplexed (see sec-
tion on Single-Cell RNA sequencing as an innovative alternative in EvoDevo 
research) and converted into fastq files, a text-based format that allows their 
manipulation using computational tools. I checked the quality of the reads us-
ing a bioinformatics tool called FastQC. This tool uses Phred scores to deter-
mine how accurate the base calling process is. Base calling consists in assign-
ing nucleotide identities to each read. A high Phred score value (higher than 
28) means that base calling was very accurate, which indicates that the se-
quencing reads are of good quality. The metrics showed high Phred scores for 
all the sequenced reads overall (Figures 9 and 10).  

Then, I mapped the reads to the Parasteatoda genome (Ptep 2.0) using the 
pipelines Cell Ranger ‘mkref’ and ‘count’ from the Single Cell Software Suite 
offered by 10x Genomics. I obtained an output folder containing the mapped 
sequencing reads (files in BAM format), and a gene expression matrix show-
ing the number of reads per cell barcode that corresponds to a determined 
gene. The output web summary given by Cell Ranger reports that the esti-
mated number of cells is 65 443, the percentage of reads mapped confidently 
to genome and to transcriptome is 68.5% and 35.1%, respectively. The total 
number of genes detected in the sample is 26 786. However, the summary also 
raised one alert due to an unusually high fraction of reads mapped antisense 
to genes (13.6%) when ideally it is expected to be less than 10%. In addition, 
the mean reads per cell is quite low (5043 compared to the recommended 20 
000) and this goes in hand with the low percentage of sequencing saturation 
(10.2%; recommended value is 50% to 60%).       

Although I loaded ca. 30 000 cells, the actual quantity calculated from the 
data is double as high, and this could be because many oligomers in a GEM 
attached to spur, loose ambient mRNA molecules that were counted as “cells”. 
This is consistent with low number of UMI detected in a big fraction of the 
cell barcodes. I proceeded to do a quality control test using the bioinformatics 
package Seurat to properly discriminate the background RNA from true cells 
and filter it out. I first kept the genes that are expressed in at least 3 cells and 
the cells in which at least 250 genes are expressed. This left me with 24 131 
genes across 65 440 cells. Then I checked the distribution of the cells accord-
ing to the number of genes, the number of molecules (UMIs), and the number 
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of percentage of mitochondrial genes detected in each one of them (Figure 
11). Although the presence of mitochondrial genes is expected in all cells, if 
its percentage is more than 5 to 10 % it usually indicates that the cells are 
under stress and its transcriptome has been altered. Violin plots show that in 
most cells the number of genes detected is between 500 and 1500; most cells 
have less than 3500 UMIs, and most have its percentage of mitochondrial 
genes below 5%. In addition, metadata from the gene expression matrix dis-
plays the exact number of UMIs, genes, and percentage of mitochondrial 
genes per cell barcode (Table 1). I checked for the top 20 most expressed genes 
in the matrix (Figure 12). The first and third most expressed genes code for 
ribosomal RNA, while the second is unknown but presumably also ribosomal. 
High levels of ribosomal gene expression in all cells is expected due to their 
fundamental role in translation of mRNA and protein synthesis.   

Based on these observations, I excluded the top three most expressed genes 
(all ribosomal genes) as well as those from mitochondrial origin from the pool 
of genes to be considered in downstream analysis, so they do not skew the 
process of cell clustering later on due to their widespread presence across 
cells. Then, I selected only the cells with a UMI count between 1700 and 3500, 
with less than 2500 genes detected, with a percentage of mitochondrial genes 
below 5, and with a gene vs UMI ratio (log nGene/ log nUMI) above 0.8. 
Outlier cells like those with over 5000 UMs are uninformative because they 
likely represent cell-doublets. I was left with a subset of 24 109 genes that are 
expressed across 3784 cells. To ensure that the expression values across cells 
are on a comparable scale and the variance across cells is 0, I normalized and 
scaled the number of UMI per gene to the total UMI count in each individual 
cell using a bioinformatics package called SCTransform. After this, I per-
formed linear dimensional reduction by principal component analysis (PCA), 
and non-linear dimension reduction by Uniform Manifold Approximation and 
Projection (UMAP), an algorithm used for data visualization. Then I grouped 
the cells into clusters based on their genetic fingerprint (i.e. the complement 
of expressed genes). The output was 14 clusters (Figure 13) with a total of 
1997 markers (Table 2). I visualized the expression levels of the top 10 most 
variable genes (i.e. the genes that are most highly expressed in some cells and 
at the same time are lowly expressed in others) out of a total of 3000 (Figure 
15). These 3000 genes were used to cluster the cells. I also visualized the ex-
pression level of a group of genes known to express in a subset of tissue at 
stage 10.1 (Figure 16), this can later help me identify the cell type and cell 
state that the clusters represent. Finally, I searched for the markers that are at 
least 20% more expressed in a cluster with respect of all the others. Then, I 
visualized the top 3 most highly differentially expressed markers per cluster 
(Figure 17). I am currently identifying the remaining markers per cluster.  
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Figure 9. FastQC report showing quality scores across all base pairs (bp) for spider 
embryo data. Each sequencing read is 130bp long and 46% GC. Fastq files contain-
ing the sequencing reads were divided into four folders due to its size before com-
pression. Y axis: Phred quality scores (0 to 36). X axis: the position of each bp in the 
sequencing read (1 to 130). The distribution of the quality scores for each base pair 
call is displayed as box plots. Background of the graph divides the Y axis into very 
good quality calls (green), reasonable quality calls (orange), and poor quality calls 
(red). a) Quality scores for 81 885 234 reads. b) Quality scores for 82 166 680 reads.  
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Figure 10.  (Continued) FastQC report showing quality scores across all base pairs 
(bp) for spider embryo data. c) Quality scores for 83 100 049 reads. d) Quality 
scores for 82 895647 reads.  
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Figure 11. Quality control metrics for gene expression matrix. a) Violin plot show-
ing the distribution of each cell in the matrix according to the number of genes de-
tected (Y axis). b) Violin plot showing the distribution of each cell in the matrix ac-
cording to the number of unique molecular identifiers (UMI) detected (Y axis). c) 
Violin plot showing the distribution of each cell in the matrix according to the per-
centage of mitochondrial genes detected.  

 
 

Table 1. Metadata from the single-cell gene expression matrix for Parasteatoda 
stage 10.1 embryos showing the first 6 (out of 65440) cell barcodes.  

Cell barcode Nº molecules 
(UMI) 

Nº genes 
log(Nº ge-
nes)/log(Nº 
UMI) 

Percentage of 
mitochondrial 
genes per cell 

AAACCCAA-
GACGATAT-1 1394 735 0.9115928 1.3629842 
AAACCCAA-
GAGAGAAC-1 1650 848 0.9101509 0.4848485 
AAACCCAA-
GAGTCAGC-1 1154 609 0.9093501 1.2998267 
AAACCCAAG
CATGCGA-1 1350 700 0.9088801 1.3333333 
AAACCCAAG
CCATTTG-1 1862 978 0.9144824 2.5778733 

AAACCCAAG
CCTGACC-1 869 516 0.9229777 1.1507480 
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Figure 12. Top 20 most expressed genes across 65 440 cells. Box plots show the 
distribution of the molecules (UMI) per cell, each gene expression as percentage. 
Gene IDs: g23799, 18S ribosomal RNA; g26673, unknown mRNA; g12128, small 
subunit ribosomal RNA; g18440, junctophilin-2-like; g4323, unknown mRNA; 
g10911, rho GTPase-activating protein 190 isoform X5; g24284, high mobility 
group protein B2; g14852, nuclear localization sequence-binding protein; g4287, 
histone H1B; g8164, phospholipase D2; g12563, large subunit ribosomal RNA; 
g16470, heat shock protein 83; MT-rrnL, 23S ribosomal RNA;  g2692, elongation 
factor 1 alpha; g28733, 40S ribosomal protein S8; g24902, actin, clone 403; g28558, 
60S acidic ribosomal protein P1-like; g16363, 60S acidic ribosomal protein P2; 
g16441, heterogeneous nuclear ribonucleoprotein D-like; g12126, unknown mRNA. 
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Figure 13. UMAP showing 14 clusters (0 to 13) formed from a subset of 3784 cells.  

 

 
Figure 14. UMAP showing gene distribution across all 14 clusters. All clusters ap-
pear to have over 1200 genes in their cells.  
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Table 2. Number of marker genes per cluster (clu) that are differentially expressed 
with respect to all remaining clusters (#mg).  

clu 0 1 2 3 4 5 6 7 8 9 10 11 12 13 

#mg 50 181 17 93 159 120 75 94 170 98 66 152 170 552 

 

 
 

 
Figure 15. Top 10 most variable genes. Dotplot shows the levels of average expres-
sion and the percentage of expression for each gene per cluster. Gene IDs: g9440, 
uncharacterized protein DDB_G0286299; g8619, collagen alpha-1(IX) chain iso-
form X1; g26750, vitellogenin isoform X1; g25872, glycine-rich cell wall structural 
protein 1.8 isoform X2; g9118, mucin-17; g8426, probable H/ACA ribonucleopro-
tein complex subunit 1; g15487, uncharacterized protein LOC107449346; g20018, 
uncharacterized protein DDB_G0290301-like isoform X2; g9115, von Willebrand 
factor C and EGF domain-containing protein; g15702, probable serine/threonine-
protein kinase kinX. 
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Figure 16. Genes that are known to express in a subset of tissue in the spider. Gene 
IDs: g24216, T-box protein H15-2; g31289, protein Wnt-11b-2; g8390, protein Wnt-
6 isoform X2; g8391, protein Wnt-1; g8021, Forkhead box protein B; g22538, Dou-
blesex-Mab related 99B; g10123, tinman.  
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Table 3. Top 3 most highly differentially marker genes per cluster.  

Gene ID % in cluster N % in all the remain-
ing clusters 

Cluster N 

g7054 50.5 22.9 0 
g30181 86.4 48.5 0 
g833 43.8 14.6 0 
g19035 52 37.9 1 
g2739 56.2 42.1 1 
g1652 57.3 43.3 1 
g26643 53.3 32.3 2 
g29744 48.3 25.4 2 
g13900 35.5 17.9 2 
g17000 32.9 11.1 3 
g21244 36.5 13.3 3 
g5077 39.4 15.9 3 
g31011 83.1 17.3 4 
g23234 66.2 16.3 4 
g25872 64.2 12.7 4 
g827 82.1 11.2 5 
g20359 81.3 7.7 5 
g21892 72.4 12 5 
g6411 57.4 17.8 6 
g19953 44.7 17 6 
g17604 38.3 11.9 6 
g18008 46.7 11.5 7 
g21721 46.1 11.6 7 
g19136 39.5 7.9 7 
g10895 51.5 10.2 8 
g29190 44.9 10.5 8 
g22899 47.8 14 8 
g26209 57 3 9 
g17394 60.5 4.6 9 
g17629 55.3 6.5 9 
g7202 50.6 3.8 10 
g31613 40.2 1.1 10 
g7434 51.7 8.6 10 
g8021 36.9 10.4 11 
g6467 38.1 9.1 11 
g12592 36.9 1.2 11 
g17560 90.9 3.8 12 
g26291 90.9 6 12 
g5762 86.4 2.1 12 
g24887 100 1 13 
g14019 100 3 13 
g29894 100 2 13 

 
Gene IDs: g7054, delta-like protein 1 precursor; g30181, neurogenic locus protein 
delta; g833, uncharacterized LOC107451852 transcript variant X2 ncRNA; g19035, 
density-regulated protein homolog; g2739, U7 snRNA-associated Sm-like protein 
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LSm11 isoform X2; g1652, T-complex protein 1 subunit epsilon; g26643, bone mor-
phogenetic protein 2-A; g29744, zinc finger protein basonuclin-2; g13900, protein 
spaetzle 3 isoform X1; g17000, unknown mRNA; g21244, mediator of RNA poly-
merase II transcription subunit 15; g5077, uncharacterized protein LOC107449501; 
g31011, uncharacterized protein LOC107439531; g23234, endochitinase A; g25872, 
glycine-rich cell wall structural protein 1.8 isoform X2; g827, neural-cadherin; 
g20359, protein sax-3-like; g21892, follistatin-related protein 5 isoform X2; g6411, 
collagen alpha-2(IV) chain-like isoform X3; g19953, insulin-like growth factor-bind-
ing protein-related protein 1; g17604, annulin; g18008, netrin-1; g21721, protein snail 
homolog Sna; g19136, netrin-1; g10895, protein O-mannosyl-transferase TMTC2; 
g29190, uncharacterized protein LOC107446902; g22899, serine-rich adhesin for 
platelets; g26209, uncharacterized protein LOC107441405; g17394, uncharacterized 
LOC122269838 partial mRNA; g17629, unknown mRNA; g7202, aryl hydrocarbon 
receptor isoform X2; g31613, vascular endothelial growth factor receptor kdr-like; 
g7434, proto-oncogene tyrosine-protein kinase ROS isoform X3; g8021, forkhead box 
protein B1-like; g6467, putative mariner transposase; g12592, transmembrane protein 
68; g17560, uncharacterized protein LOC107439885 isoform X2; g26291, 
Na(+)/H(+) exchanger beta; g5762, phospholipase A2 group XV isoform X2; g24887, 
acetyl-coenzyme A synthetase, cytoplasmic-like; g14019, uncharacterized protein 
LOC118187637; g29894, fatty acyl-CoA reductase 1 isoform X1.  
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Figure 17. Top 3 most highly differentially expressed marker genes per cluster.  
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Future plans 

As a follow-up study based on Paper I, I plan to conduct RNAi experiments 
on Parasteatoda embryos to verify whether the ancestral role of sal as a con-
served regulator of segment identity is conserved in Arthropoda as a whole. 

I plan to complete the optimization of the dissociation protocol for spider 
embryos  (Paper II) with the modifications previously mentioned (i.e. the ad-
dition of DNase and heating of enzymatic dissociation mix) and do another 
dissociation and subsequent cell capture and scRNA-seq analysis of 
Parasteatoda stage 10.1 embryos to verify and complete my findings. I plan 
to extend this to earlier and later developmental stages of spider embryos. 

I plan to perform BLAST searches to identify all the marker genes for each 
cluster and check for the expression levels and distribution of transcription 
factors and other canonical marker in order to have an idea of what cell type 
the clusters could represent.  

I plan to verify the identity of cell clusters by performing WISH experi-
ments with highly (exclusively) expressed genes. In addition I plan to conduct 
PCR amplification, gene cloning, and in situ hybridization (for identified 
genes or gene fragments that are bigger than 500 bp) of the marker genes that 
are uncharacterized or unknown according to the public database, because 
such genes could potentially represent novel cell-type marker genes.  
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