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Abstract

Biofilm growth on super-acidic metal-oxide films

Linnéa Jansson

In nature, urea is hydrolyzed to ammonia and bicarbonate primarily by 
enzymes called ureases. As urine waste contains multiple important plant 
nutrients, there is interest in the waste treatment field to use urine 
waste products as plant fertilizers. Since urease enzymes are usually 
found in biofilms, one can prevent nitrogen loss in urine waste by 
preventing biofilm formation in the surrounding environment. In recent 
years, many new strategies to prevent microbial growth have been 
developed, especially within the field of nanoscience. The aim of this 
master's thesis was to develop a method for growing and analyzing 
urease-active biofilms and to investigate whether super-acidic metal-
oxide surfaces could prevent biofilm growth.

In this project, the methods are divided into two sections: methods for 
producing super-acidic metal-oxide surfaces and methods for growing and 
analyzing biofilms. The method for growing biofilms was developed 
through successive experiments, with the results of one experiment being 
used to design the next. Three batches of antimicrobial plates were 
manufactured, and seven biofilm experiments were conducted. In these 
experiments, biofilms were able to grow on antimicrobial plates, but the 
results were somewhat inconclusive. The biofilms were analyzed by 
microscopy, since no quantitative analysis method was successful in this 
study. 
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Populärvetenskaplig sammanfattning 
 
Idag står världen inför ett problem i global skala som kommer dramatiskt ändra sättet vi 
behandlar bakteriella infektioner i framtiden. Strax efter första världskriget upptäckte en 
forskare vid namn Alexander Fleming av ren slump att en sorts mögelsvamp kunde producera 
ett ämne som kunde döda bakterier. Denna upptäckt ledde till utvecklingen av ett läkemedel 
kallat penicillin, vilket är en sorts antibiotika. Idag utgör antibiotika-baserade läkemedel en 
av de viktigaste grundpelarna inom sjukvården när det kommer till behandling av bakteriella 
infektioner. Dock har denna viktiga grundpelare inom sjukvården på senare år börjat 
försvagas när bakterier blivit motståndskraftiga mot antibiotika-läkemedel. Detta fenomen 
kallas antibiotikaresistens. Antibiotikaresistens uppstår när slumpmässiga ändringar i 
bakteriers arvsmassa (DNA) ger bakterierna ett tillräckligt starkt skydd för att överleva 
behandling med antibiotika.  
 
Även om antibiotikaresistens förekommer i naturen är problemen med antibiotikaresistens 
idag inte orsakade av naturliga processer. Dessa problem har orsakats av mänsklig aktivitet, 
främst i form av överanvändning och missbruk av antibiotika inom sjukvården, 
veterinärvården och jordbruksbranschen. För att minska spridningen av antibiotikaresistenta 
bakterier måste samhället börja använda mindre antibiotika och utveckla nya tekniker för att 
minska bakteriespridning.  
 
Ett sätt att göra detta på är att utveckla ytor som bakterier inte kan växa på. Detta har 
åstadkommits med hjälp av nanoteknik, vilket är forskning som använder atomer och 
molekyler som byggklossar och verktyg. Ytor som tillverkats med hjälp av nanoteknik kan ha 
alla möjliga sorters häftiga egenskaper. De kan t.ex vara extremt hala, så att allt som landar 
på dem glider av. De kan också vara täckta med kemiska grupper och molekyler, vilka 
attackerar eller förhindrar saker från att växa på dem.  
 
Under detta projekt har kemiska metoder och material använts för att tillverka super-sura ytor 
med nanostrukturer som hindrar bakterietillväxt. Dessa super-sura ytors bakteriehämmande 
egenskaper har sedan utvärderats med hjälp av experiment där ytorna fått ligga i lösningar 
med bakterier under en längre tid. Efter att ytorna legat i bakterielösningarna sköljdes de av 
med vatten och torkades i ett värmeskåp, sedan undersöktes de med ett mikroskop. När vi 
undersökte plattorna med mikroskopet kunde vi se bakterier på alla ytor som tillverkats. Vi 
misstänkte dock att en del av bakterierna på ytorna var från bakterielösningen från början av 
experimentet, därför kom vi fram till att ytorna måste tvättas ännu noggrannare i framtida 
experiment. Förhoppningen är att de resultat som tagits fram under experimenten kan 
användas för utveckla de super-sura ytorna så att de i framtiden kan användas i samhället för 
att förhindra bakterietillväxt på ytor där bakterier vanligtvis förekommer, t.ex i sjukhus, 
avloppsrör och toaletter.  
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Abbreviations and acronyms 
CFU  Colony forming units 

CaCl2   Calcium chloride 

CO2  Carbon dioxide 

EC  Electroconductivity 

ECM  Extracellular matrix 

eV  Electron volts 

HF  Hydrofluoric acid 

MALDI Matrix-assisted laser desorption ionization technology 

NB  Nutrient broth 

PMF   Peptide mass fingerprint 

PVD  Physical vapor deposition 

ROI  Region of interest 

ROS  Reactive oxygen species 

RT  Room temperature 

SO2  Sulphur dioxide 

TiO2  Titanium dioxide, titania 

TOF  Time-of-flight 

UDT   Urine diverting toilet 

UV   Ultraviolet 

XPS  X-ray photoelectron spectroscopy 
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1. Introduction 

1.1 Antibiotic Resistance 

Today our world is facing a global problem that will dramatically change the way we treat 
bacterial infections in the future. Ever since Alexander Fleming discovered penicillin during 
the 20th century antibiotics have been a mainstay in medicine, where they have been used in 
treatments for infectious diseases caused by bacteria and for medical conditions that require 
surgery or chemotherapy (Teillant et al. 2015). By considering the number of deaths caused 
by bacterial infections at the time penicillin was discovered, one can better understand why 
the use and development of antibiotics quickly increased in the decades that followed.  
 
Antibiotic resistance originates from nature, where bacteria use resistance genes responsible 
for different mechanisms to overcome natural antibiotics present in the environment. 
However, the conditions for developing antibiotic resistance in human civilizations greatly 
differ from the natural conditions. The enrichment and spreading of highly resistant 
pathogenic bacteria in the micro-biosphere today is largely driven by human activities, 
including the extensive use and misuse of antibiotics in both human and veterinary medicine 
and in agriculture (Gullberg et al. 2011). This anthropogenic use of antibiotics creates waste 
streams from cities, hospitals, drug manufacturers and animal farms which greatly increases 
the environmental reservoirs of resistance when discharged without sufficient treatment 
(Nadimpalli et al. 2018).  
 
Even if we cannot reverse the spread of antimicrobial resistance today, we can still change 
the way resistance spreads in the future and develop new drugs and strategies to combat 
resistant organisms. Since humans can be directly exposed to resistant bacteria through 
consumption of unsafe food, poor personal and domestic hygiene and contact with animals, 
there are several ways to fight antibiotic resistance. First of all, we should reduce our use of 
antibiotics, especially in livestock production and aquacultures where antibiotics are given to 
healthy animals to prevent disease instead of just treating diseased individuals. In addition to 
this, we can combat antibiotic resistance by treating highly contaminated waste streams 
before disposal and improving drinking water quality and overall sanitation in environments 
where resistant bacteria are enriched (Nadimpalli et al. 2018).  

1.2 Biofilms 

Microorganisms are present in basically all biotopes and essential for the function of many 
complex ecosystems, but they are also responsible for spreading infectious diseases which 
mostly are treated with antibiotics (Van Boeckel et al. 2014). A biofilm is defined as an 
aggregate or cluster of microorganisms which live in slimy, porous matrices of extracellular 
polymeric substances (EPS) (Hall-Stoodley et al. 2004). Biofilms are one of the most 
common ways of living for microorganisms, and they control many biogeochemical cycles of 
compounds in water, soil and underwater environments. Biofilms also cause many problems 
in societies, such as biofouling and contamination of process water, deterioration of the 
hygienic quality of drinking water and microbial-caused corrosion (Flemming et al. 2016).  
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Biofilm formation is known to occur in four main stages: (1) bacterial attachment to a 
surface, (2) formation of a microcolony, (3) biofilm maturation and (4) detachment or 
dispersal of bacteria which may then colonize new areas (Landini et al. 2010). These stages 
of biofilm formation are illustrated in Figure 1. Bacteria within mature biofilms are shielded 
from the outside environment and exist in a stationary or dormant growth phase (Stoodley et 
al. 2002). Cells living in biofilms can also produce different metabolites and express different 
proteins than planktonic cells, according to research (Seneviratne et al. 2020). 
 

 
Figure 1: Schematic representation of biofilm formation.  

1.2.1 Biofilm Formation, Maturation and Dispersal 
Biofilms form in a dynamic process which is dependent on nutrient availability, synthesis and 
excretion of extracellular materials, shear stress, social competition and grazing by other 
organisms. Despite the high energetic cost for production, biofilms offer many evolutionary 
benefits, such as protection against antimicrobial agents and desiccation, increased resource 
uptake and an external digestive system outside the bacterial cells. Biofilms also facilitate 
intercellular interactions, which can improve cells' metabolic capacity and make them less 
sensitive against antibiotics (Flemming et al. 2016).  
 
The formation of a biofilm begins with the attachment of free-floating bacteria to a surface. 
First a bacteria approaches the surface until its motility slows down, then the bacterium can 
form temporary associations with the surface or with other microbes that are already adhered 
to the surface. These temporary associations allow the bacteria to search for an ideal location 
for stable attachment. This surface attachment process is influenced by the physico-chemical 
properties of the surface, primarily by interfacial electrostatic (e.g repulsion, attraction) and 
van der Waals forces for the initial attachment (Briandet et al. 2001, Renner & Weibel 2011).  
 
Stable attachment, however, is primarily determined by the surface's hydrophobic interactions 
and mechanical properties, such as surface stiffness, mechanical stability, elasticity and 
topography (Flemming & Wingender 2010, Renner & Weibel 2011).  
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When a number of bacteria have attached to a surface and started replicating they can start 
forming a microcolony. The replicating bacteria form microcolonies when they build a three-
dimensional biofilm structure by secreting an extracellular matrix (ECM) around them. The 
secreted extracellular matrix protects the bacteria from the outside environment and enhances 
surface attachment (Watnick & Kolter 2000, Floyd et al. 2017). 
 
Sometimes biofilm-associated bacteria can detach from the biofilm matrix, allowing them to 
colonize new areas with favorable environments (Watnick & Kolter 2000). The mechanisms 
that biofilm dispersal occurs through can be divided into two categories: passive and active. 
Active dispersal refers to mechanisms that are controlled by the bacteria themselves, while 
passive dispersal mechanisms refers to cell detachment through external forces such as 
abrasion, fluid shear and human intervention (Kaplan 2010).  

1.2.2 Urease-Active Biofilms 
Biological activity in nature produces a large amount of urea as a waste product. Microbes 
can quickly metabolize this urea by absorbing the molecules and hydrolyzing them with an 
enzyme called urease (Oki et al. 2010). During the hydrolysis reaction, urea is transformed 
into ammonia and bicarbonate ions, resulting in ammonia volatilization and alkalinization of 
the surrounding solution (Stickler 2009, Ray et al. 2017). If the surrounding solution is urine, 
then this alkalinisation can cause minerals such as calcium and magnesium phosphates to 
come out of the solution and form crystals and mineral deposits (Stickler 2009).  
 
In addition to raising the pH of the solution, urea hydrolysis also increases the solution's ionic 
strength, since the neutral molecules of urea are transformed into charged ammonium and 
bicarbonate ions. It is possible to measure this change in ionic strength by measuring the 
electroconductivity (EC) of the solution, which is the sum of the current-carrying capacities 
of the ions present. Using this electroconductivity technique, researchers have quantified 
urease activity in synthetic urine and discovered a positive correlation between 
electroconductivity and ammonia concentrations (Ray et al. 2017).  

1.3 Antimicrobial Surfaces 

Microbial contamination and biofilm formation on medical devices, equipment and surfaces 
is a major problem in society, especially in healthcare where it leads to increased costs and 
medical complications. To reduce bacterial and microbial interaction with surfaces new 
strategies and nanoscience-based technologies are needed. Nanoscience-based solutions are 
of particular interest for this problem since they can prolong the function of antimicrobial 
surfaces by providing specific surface modifications and allow attachment or insertion of 
active compounds to give a surface specific antimicrobial properties (Rigo et al. 2018).  
Nanoscience-based antimicrobial coatings are generally based on antiadhesive properties that 
prevent adherence of bacteria or bactericidal strategies where the microorganisms are killed 
either before or after contact with the surface (Rigo et al. 2018).  
 
Surface microstructures that prevent adhesion represent the passive, nontoxic and more 
permanent type of antimicrobial surfaces, since they do not release bicides or inhibiting 
agents into the environment. These passive surfaces are preferable since they do not induce 
bacterial resistance development, but since their antibacterial efficacy is limited and varies 
for different types of bacterial strains one might need to combine them with antibacterial 
compounds to provide higher efficacy (Rigo et al. 2018, Li & Aik Khor 2019).  
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Surfaces that release active agents like small molecules such as antibiotics or ions to kill 
bacteria represent the active type of antimicrobial surfaces. A disadvantage with active 
surfaces that release antibiotics is that depending on the release properties, the concentration 
of the released antibiotics will eventually drop below the minimum inhibitory concentration 
(MIC) (Rigo et al. 2018), which can promote the selection of resistant strain and result in the 
development of antimicrobial resistance (Sandegren 2014).   

1.3.1 Self-Cleaning Surfaces 
Self-cleaning surfaces are defined as surfaces that repel or decompose contaminants such as 
dirt particles, organic or inorganic molecules and in some cases bacteria without the need of 
external forces or use of chemical agents or detergents (Topalian 2011). A common example 
of a natural self-cleaning surface is the leaves of the lotus, which stay clean in muddy water 
by having nanosized surface structures and by being water repellent (Daoud & Tung 2013). 
Self-cleaning effects can be divided into three main categories depending on the mechanism 
by which they operate. In the first category we have hydrophobic and hydrophilic surfaces, 
where the wettability, i.e the ability of a liquid to maintain contact with a solid surface, is 
modified by surface structuring (Blossey 2003). The second category includes photocatalytic 
surfaces, which produce reactive oxidizing species (ROS) that attack pollutants and convert 
them to CO2, H2O and mineral acids when irradiated by light (Fujishima et al. 2008). Lastly 
we have the self-cleaning effects achieved by surface charging or modification of chemical 
interactions and surface acid and base properties (Topalian 2011, Sun & Böhringer 2019).  

1.3.2 Photocatalytic Properties of Metal Oxides 
Metal oxides are well known for their photocatalytic properties. Nanoparticles of the metal 
oxide titanium dioxide (TiO2) have been used in many photocatalytic applications, such as 
sunscreens for UV protection, purification of water and water splitting (Galley & Fardell 
1997, Ali et al. 2018). TiO2 nanoparticles can produce radicals when they are activated by 
UV light. These radicals can in turn attack and damage biological organisms, providing an 
antimicrobial property to the nanoparticles (Vittal & Bai Aswathanarayan 2011). It is 
however important to note that these radicals can have ecotoxicological effects if the 
nanoparticles enter natural systems (Haynes et al. 2017). 
 
To properly understand how TiO2 nanoparticles behave in aqueous environments we need to 
look closer at the photochemistry. TiO2 is a wide bandgap semiconductor with a bandgap 
separating the filled valence band and the empty conduction band. When light with photon 
energy greater than or equal to the band energy shines on the TiO2 nanoparticles, an electron 
is excited from the valence to the conduction band, which produces electron-hole pair 
formation that drives all subsequent chemical reactions. The energy of these so-called 
excitons is large (3 eV) and exceeds that of most other oxidation agents such as hydrogen 
peroxide or ozone (Fujishima & Honda 1972, Haynes et al. 2017). 

1.3.3 The Crystalline Forms of Titanium Dioxide 
TiO2 is a polymorphic material, meaning that the compound can exist in at least two different 
crystalline forms. For TiO2, these crystalline forms are rutile, anatase and brookite. Rutile is 
the stable crystalline form, whereas anatase and brookite are metastable and can be 
transformed to the rutile form when heated (Mahdjoub et al. 2010, Allen et al. 2018). The 
band gap cut-off for TiO2 varies depending on the crystalline form. The band gap is 
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approximately 3.0 eV for the rutile form and 3.2 eV for the anatase form. This also means 
that less light can be absorbed, since the absorption-band cut-off for anatase is 388 nm and 
413 nm for rutile (Luttrell et al. 2014, Haynes et al. 2017). Despite this, anatase is considered 
to be the most active photocatalytic phase of TiO2, although rutile catalysts have been 
commercialized. 

1.4 The Project 

This master thesis project is a collaboration between Uppsala University and SLU and two 
spin-off companies called Nanoform Science and Sanitation 360. Nanoform Science is a 
company that produces nanomaterials for medical technology applications and hospitals, 
while Sanitation 360 is a company who wants to convert human urine to a dry fertilizer for 
plants.  

1.4.1 Nanoform Science 
Nanoform Science is a company which wants to reduce the use of antibiotics against bacteria 
by manufacturing super-acidic surfaces which prevent bacterial growth and use them to 
combat health associated infections commonly afflicted in hospitals, at dentists and in 
sanitation systems.  
 
These super-acidic metal-oxide surfaces have two key factors that contribute to their 
antimicrobial properties. The first factor is that they are made of nanoparticles of anatase 
titanium dioxide (TiO2), which is a photocatalytic metal-oxide. TiO2 nanoparticles can 
produce reactive oxygen species (ROS) and radicals when they are activated by UV light. 
These radicals can in turn attack and damage biological organisms, providing an 
antimicrobial property to the nanoparticles.  
 
The second key factor that contributes to the surfaces’ antimicrobial properties is the super-
acidity. To make the surfaces super-acidic, titanium dioxide-coated plates are activated by 
UV-light in an environment with sulfur dioxide. Through a photomediated adsorption 
process, a sulphur dioxide (SO2) molecule binds to a lattice superoxide (O2-) and forms a 
surface sulfite (SO32-), which in turn is oxidized into a surface sulphate by the transfer of a 
neutral oxygen from an absorbed O2 molecule. This reaction produces sulphate-terminated 
films (surface-SO42-). Figure 2 illustrates this photomediated adsorption process. These 
sulphur groups give the surfaces acidic properties, which can also prevent bacterial growth 
(Langhammer et al. 2020). Hereafter, these super-acidic metal-oxide surfaces will be referred 
to as functionalized surfaces.  
 

 
Figure 2:  Illustration of the photomediated adsorption process of SO2 on TiO2. This figure is from Langhammer et al. 
2020. 
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To manufacture these functionalized surfaces Nanoform Science uses a two-step process. 
First the surfaces are covered in a thin film of anatase TiO2 nanoparticles, then the surfaces 
are irradiated with UV light in a gas chamber filled with sulphur dioxide. In this process a 
sulphate-terminated TiO2 film is created which has both an acidic surface and the ability to 
generate reactive oxygen species when exposed to light.  

1.4.2 Sanitation 360 
Only 7% of the world's wastewater is treated with advanced treatment methods, meaning that 
a lot of wastewater still contains large amounts of nitrogen and phosphorus compounds when 
it reaches the environment. This in turn leads to an overload of nutrients in nature and dead 
zones in aquatic ecosystems. Since urine contains the majority of the plant nutrients found in 
human waste (Jönsson et al. 1997), Sanitation 360 wants to use a system to concentrate the 
nutrients found in human urine by producing a dry fertilizer for plants. The company’s 
treatment system is designed to be attached underneath the toilet, where it inactivates the 
urease enzymes by increasing the pH. The separated and stabilized urine is then dehydrated 
to produce the dry fertilizer.  
 
A challenge that Sanitation 360 has is that biofilms can grow in the toilet bowl or in the 
plumbing that leads to the treatment system, which can affect the nutrient content in the 
urine. Since active biofilms can contain urease enzymes which break down urea to volatile 
ammonia, this biofilm growth can lead to loss of nitrogen (Sanitation 360, 2021). If 
Nanoform Science’s functionalized surfaces show to be active against biofilm formation then 
Sanitation 360 could get better nitrogen recovery with their urine treatment system.  

1.4.3 Aim of the Project 
The aim of this project is to investigate if the new class of functionalized self-cleaning 
surfaces developed by Nanoform Science have antimicrobial activity, and could possibly also 
be active against biofilm growth. Specifically, this project aims to develop a methodology for 
growing biofilms on surfaces in the lab and to compare the growth of biofilms on 
functionalized and nonfunctionalized surfaces.  
 
The functionalized surfaces will be manufactured on glass plates using the two-step process 
developed by Nanoform Science at the Department for Materials Science and Engineering 
(Solid State Physics) at Ångström laboratory. The functionalized surfaces anti-biofilm 
properties will thereafter be tested in a class two hygiene lab at the Department of Energy and 
Technology at SLU.  

2. Materials and methods 
In this project, the methods were divided into two groups: methods for producing 
functionalized surfaces and methods for growing and analyzing biofilms. Glass microscope 
slides were used as the base material for the functionalized plates and as control plates for the 
biofilm experiments. In order to produce functionalized surfaces, glass plates were scored and 
ground, coated with TiO2, functionalized by adding sulfur groups and analyzed using XPS.  
 
A total of seven experiments were conducted to develop and test the methodology for 
growing biofilms on the plates, including investigating different growth conditions and 
measuring and analyzing biofilm growth using different methods.  
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For the assessment of biofilm growth, three methods were tested: dry mass measurements, 
electroconductivity measurements, and staining and microscopy.  

2.1 Chemicals and Equipment 

For all experiments we used 26×25 mm (L×W) and 1 mm thick plates. These plates were 
made of glass and prepared by scoring and splitting 76×26 mm (L×W) microscope slides 
from the company VWR into three separate pieces. All X-ray photoelectron spectroscopy 
(XPS) measurements were made using a Quantera II instrument from Ulvac PHI (Japan). 
Unless otherwise noted, all biofilm experiments were conducted at room temperature (23°C) 
and relative humidity of approximately 20.6%. Absorbance measurements were carried out 
with a Thermo Aquamate spectrophotometer (Thermo ElectronLtd, Cambridge, UK) using 
2.5 ml semi-micro cuvettes from Sarstedt.  

2.2 Enzymes and Bacterial Strains 

This study used two types of bacteria inoculums: an inoculum prepared from a wild urease-
active biofilm specimen, and a S. aureus (ATCC 6538) inoculum. The preparation of the wild 
urease-active biofilm inoculum is described in the appendix (Appendix A1). Inoculum 
solutions with S. aureus were prepared by dissolving re-streaked colonies in the growth 
medium used. This project also used a Jack-bean urease enzyme to make standard curves. 

2.3 Production of Super-Acidic Metal Oxide Surfaces 

Three batches of functionalized plates were produced in total. All plates were coated with 
pastes from Dyesol Limited (Australia). The first two batches used 30NR-D titania paste with 
an average nanoparticle size of 30 nm, while the third batch used 18NR-T transparent titania 
paste with an average nanoparticle size of 20 nm. For each batch, five scored microscope 
slides were functionalized, totaling 15 slides. Considering that each scored slide could be 
manually snapped into three separate 25x26 mm plates, 45 functionalized plates could be 
used in total. 

2.3.1 Cutting, Grinding and Cleaning the Substrates 
Each plate surface was mechanically etched using sandpaper before being coated in titanium 
dioxide to improve adhesion. This was done by grinding the glass plates against a fine 
sandpaper for 5 minutes or until the surface was visibly scratched. A wet chemical etching 
method was also tested. To chemically etch the glass surfaces, ten scored microscope slides 
were placed in 2.5 mM hydrofluoric acid (HF) for 24 hours. As hydrofluoric acid and HF-
containing solutions are poisonous and hazardous (Spierings 1993), the chemical etching was 
carried out by a trained engineer at Ångström laboratory.  
 
Next the microscope slides were scored to appropriate sizes with a glass cutter. To simplify 
transport and preparation of the substrates, scored glass sections were not snapped off until 
the glass surfaces were needed for biofilm experiments. After scoring, the surfaces were 
cleaned to remove dirt and dust. This was done by washing the surfaces in water and dish 
soap, rinsing them off with distilled water and sonicating them in a beaker of ethanol for 5 
minutes. After sonication each glass plate was polished with Kimtech wipes from Kimberly-
Clark Worldwide and ethanol until clean and shiny. Dust was also removed from the plates 
with a pressurized air gun. 
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2.3.2 TiO2 Film Preparation 
Two different coating techniques were tested for coating the glass slides with titanium 
dioxide paste: doctor-blading and wire-bar (also called K-bar). In order to use the wire-bar 
coating technique, the plates needed to be adhered to a small bar coater table. Double-coated 
tape was used for this. A TiO2 paste was applied to the glass plates using a microspatula, then 
the bar was dragged over the glass surface. Surfaces that looked uneven were dragged over 
again.  
 
The other glass surfaces were coated with thin films of anatase titanium dioxide (TiO2) by a 
technique called Doctor blading. Doctor blading is a coating technique used to form films 
with a well-defined thickness by spreading out a suspension over a surface with a thickness 
spacer framework made by tape (Tulli et al. 2021). For this project we used Scotch® adhesive 
tape to create a framework which was large enough to fit around a 76×26 mm (L×W) 
microscope slide. To create a thin TiO2 film we first secured a clean microscope slide inside 
the tape framework and applied anatase TiO2 paste with a micro spatula. The paste was then 
spread onto the plate by dragging a glass rod over the tape framework in a smooth motion.  
 
Three test plates were made with each technique. The plates were baked in a Nabertherm 
P330 oven with continuous heating from 20°C to 500°C for four hours, then kept at 500°C 
for one hour (hold-time) before cooling overnight. To check that the films had hardened 
properly after baking we tested scratching and smearing at least one surface from each batch. 
After baking, the test plates were also visually inspected. Due to the streak marks on the wire-
bar coatings, the Doctor-blade technique was chosen for coating. As some test plate coatings 
smeared easily, indicating that they had not been baked sufficiently, the hold-time was 
increased to four hours in further experiments. 

2.3.3 Functionalization of TiO2 Films 
All TiO2-coated microscope slides were functionalized using a home-built reaction chamber 
constructed in Lars Österlund’s group. During the functionalization process the TiO2 films 
were illuminated by UV-light and heated inside a sealed reaction chamber filled with sulfur 
dioxide (SO2) and synthetic air.  
 
The first step of the functionalization process was setting up the reaction chamber. First the 
TiO2-coated slides were carefully placed inside the reaction chamber. The reaction chamber 
was then sealed by securing the lid with nuts and bolts. Next, the gas flows to the reaction 
chamber were controlled. The pressure for all gas flows to the system was set to 2 atm. The 
flow control system software was then started and set to the following settings:  
  
Sample gas flow: 150 ml/min 
Conc (%) sulphur dioxide: 0.000 % 
Conc (%) synthetic air: 20.000 % 
Mode: Bypass 
 
The functionalization process required heating and UV-illumination, therefore, a heater, UV-
light and cooling fan were connected to the reaction chamber and a power source. The 
purpose of the cooling fan was to prevent heat damage on the UV-lights from the reaction 
chamber. The voltage from each electronic device was controlled with a multimeter.  
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After all preparations were made the functionalization process was started by setting the 
heater to 200°C. After the reaction chamber had been heated at 200°C for 15-20 minutes, the 
UV-light and cooling fan were mounted to the reaction chamber lid. The concentration of  
SO2 was then set to a level corresponding to 500 ppm in the flow control system. The slides 
were then kept at 200°C in the UV-illuminated and sulphur-filled chamber for 40 minutes. 
When 40 minutes had passed, the SO2 sample concentration was set to 0%, the heating to 0°C 
and the sample gas flow to 20 mL/min. The UV-light and cooling fan were then removed 
from the reaction chamber and left the slides to cool overnight.  
 
A small number of plates were coated with TiO2 by another master thesis student using a type 
of physical vapor deposition (PVD) method called high power impulse magnetron sputtering 
(HiPIMS). This method is a type of magnetron sputtering, but with a greater power density 
and a higher ion share when sputtering. To produce anatase crystalline structures, the surfaces 
were heat treated at 400°C for one hour after sputtering. Following PVD coating, the surfaces 
were functionalized using the same procedure as for the other batches.  

2.3.4 X-ray Photoelectron Spectroscopy 
X-ray photoelectron spectroscopy was performed by the research engineer at Div. Solid State 
Physics. The atomic composition of each surface was measured at three different positions. 
Since our surfaces were coated with TiO2 and functionalized with sulphur groups we wanted 
to measure the atomic percentage (at. %) of sulphur (S), oxygen (O), carbon (C) and titanium 
(Ti). The average percentage of each element in each batch was calculated by measuring the 
atomic composition at multiple positions on multiple functionalized plates from the same 
batch.  The standard deviation of each element was then calculated. 

2.4 Quantitative and qualitative methods for analyzing biofilms 

Two quantitative methods and one qualitative method were used to evaluate the biofilms 
during this project. Using the first quantitative method, wet biofilms were dried in a 
laboratory oven to obtain dry mass, which could be used to calculate the biofilms' area 
density.  The second quantitative method took a different approach, focusing on biofilm 
activity and urease-active biofilms. With the help of two standard curves, ammonia 
concentrations in the samples could be determined by measuring their electroconductivity. 
The qualitative method involved staining the biofilms according to the Gram staining 
protocol and examining them under a microscope at 400x and 1000x magnification.  

2.4.1 Quantification of biofilm growth by mass 
In order to measure biofilm mass on glass plates after incubation, the glass plates had to be 
first washed and dried to remove water and loose bacteria. The plates were washed according 
to a washing protocol which can be found in the appendix (Appendix A2) and placed on trays 
made of aluminium foil, after which they were baked in an oven at 80°C for 12 hours. The 
plates needed to be completely dry before being weighed in order to determine the dry mass 
of the biofilms.  
 
Following drying, each sample plate was weighed on a high-precision scale (4 decimals). 
After documenting the plate weights, they were put back in the oven and dried for two more 
hours followed by another weight measurement. The second measurements were used to 
verify that the plates were completely dry during the first measurements.  
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After the second measurement, each plate was thoroughly cleaned with water, soap, and 
ethanol, then dried at 80°C for 12 more hours. The last step was to measure the weight of the 
plates after cleaning. The dry mass of the sample covered with biofilm was determined by 
subtracting the last measurement from the first.  
 
In order to normalize the dry mass results from different samples, one can calculate the 
biomass per unit area of biofilm, also known as the areal film density (Trulear & Characklis 
1982). A biofilm-covered sample has an areal film density equal to the dry mass divided by 
the growth surface area. 

2.4.2 Quantification of biofilm activity using electroconductivity measurements  
To measure the electroconductivity in the sample solutions a conductometer from Metrohm 
(Switzerland) was used equipped with a conductivity measuring cell in the medium to high 
measuring range (15 μS/cm to 250 mS/cm). The measuring cell was washed with deionized 
water between each measurement and stored dry after use.  
 
In order to quantify ammonia using the electroconductivity measurements, two standard 
curves were made. The first curve was used to correlate the concentration of ammonia in a 
solution with absorbance of light, while the second curve was used to correlate ammonia 
concentration with electroconductivity. The two standard curves and the method used in their 
creation are presented in Appendix A3.  

2.4.3 Qualitative analysis of biofilm growth through staining and microscopy 
Biofilms and cells were stained using the Gram staining protocol from the American Society 
of Microbiology (ASM). The biofilms grown with S. aureus bacteria as inoculum needed 
only to be stained with crystal violet (CV). This was done by flooding a biofilm-covered plate 
with 1 mL of CV for 1 minute and then washing the plate with deionized water.  
 
Stained plates were examined at either 1000x or 400x magnification using a phase contrast 
microscope equipped with either an Olympus A100 oil immersion objective lens or Zeiss N-
Achroplan 40x/0,65 M27 objective lens. 

2.5 Biofilm Experiments 

The method for growing and analyzing biofilms was developed through successive 
experiments in which the results of one experiment were used to design the next. A number 
of factors and parameters were examined, including incubation temperature, incubation 
duration, inoculum type, container type, surface roughness, growth medium type, and 
exposure to UV light. Details of some methods used in the experiments are presented in the 
appendix. An overview of all experiments and growth conditions can be found in Table 1.  
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Table 1: Overview of biofilm experiments. Purple cells indicate parameters used in subsequent experiments. EC is an 
abbreviation for electroconductivity, NB for nutrient broth, RT for room temperature, and UDT for urine-diverting 
toilet inoculum.  

Experiment # 1 2 3 4 5 6 7 

Parameter  

Temperature RT, 28°C RT RT RT RT RT RT 

Glass surfaces Smooth, 
scratched 

Smooth Smooth Smooth Smooth Smooth Smooth 

Medium pH 4.65 4.65, 6.0 6.0 6.0 6.0 6.0 - 

Container type Screw-cap 
jar 

Uncovered 
dishes 

Covered 
dishes 

Screw-cap 
jar 

Screw-cap 
jar 

Screw-cap 
jar 

Screw-cap 
jar 

Growth mode Stationary Stationary Stationary Shaking  Shaking  Shaking  Shaking  

Tilted plates No No No Yes Yes Yes Yes 

Incubation time 3 days 24 h 5 days 2, 4, 6, 8, 
24, 48 h 

24 h 24 h 24 h 

Inoculum type UDT UDT UDT UDT, 
S. aureus 

S. aureus S. aureus S. aureus 

Taped plates No No No No Yes Yes Yes 

Medium type(s) Synthetic 
urine 

Synthetic 
urine 

Synthetic 
urine 

Synthetic 
urine 

Synthetic 
urine, NB 

Synthetic 
urine, NB 

NB 

Light exposure No Yes Yes No No No Yes 

Functionalized 
surfaces 

No Yes Yes Yes No No Yes 

Analysis method Dry mass - EC Microscopy Microscopy EC Microscopy 

2.5.1 Creating a wild-type inoculum from urease-producing biofilms 
Before starting the first experiment, an inoculum from a wild urease-active biofilm was 
prepared (Appendix A1) and analyzed. To determine the concentration of cells in the 
inoculum samples (CFU/mL), a dilution series of one inoculum sample was made with plated 
dilutions in the range between 10-1 and 10-7. The resulting colonies were then inspected 
visually and restreaked on different types of media in an attempt to identify the different 
species. Urease activity in the inoculum was confirmed using spectrophotometry (Appendix 
A4) and a urease test (Christensen’s urea agar). 

2.5.2 First Experiment  
The first biofilm experiment compared scratched uncoated glass plates with smooth uncoated 
glass plates. The first experiment used 44×55 mm (D×H) plastic screw-cap jars from 
Sarstedt. Experiment preparations included labeling jars, cleaning plates in 90% ethanol and 
placing one plate in every jar. 100 mL of synthetic urine with pH 4.65 was prepared 
(Appendix A5) and mixed with 1 mL of inoculum from a urine-diverting toilet (UDT-
inoculum). Each jar received 5 mL of inoculated solution, which was just enough to cover the 
glass surfaces with the solution. In this experiment, 12 positive control samples were 
prepared: six with scratched glass plates and six with smooth glass plates. Three replicates of 
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each glass type were incubated at 28°C and three at room temperature (23°C). All plates were 
incubated stationary for 3 days before inspection.  
 
To quantify the biofilm growth after three days of incubation, mass measurements were made 
using one replicate of each growth temperature. The rest of the samples were left incubating 
for two more days. One more replicate of each sample type was prepared for mass 
measurement after two more days had passed (a total of five days incubation) in order to see 
if biofilms had grown further. Since scratched glass surfaces may have different weights due 
to uneven scratching, only samples with smooth surfaces were used to measure mass. All 
plates were dried at 80°C for at least 12 hours in a Nabertherm oven.  

2.5.3 Second Experiment 
The second experiment used 35×10 mm (D×H) petri dishes from Falcon instead of screw-cap 
jars. Since the 25×26 mm glass plates were too big for the bottom part of the petri dishes, the 
lids were used as dishes instead, as they had a slightly greater diameter. In this experiment, 
different light exposures and pH values of the growth medium were compared. In total, 24 
samples were prepared for this experiment: nine positive controls, six negative controls, and 
nine functionalized samples. Positive controls consist of plain glass plates incubated in 
bacteria-inoculated media, while negative controls consist of plain glass plates incubated in 
sterile media. The functionalized samples consist of functionalized glass plates incubated in 
bacteria-inoculated media. All sample types were grown under three different conditions: (1) 
synthetic urine with pH 4.65 and daylight exposure, (2) synthetic urine with pH 4.65 without 
daylight exposure, and (3) synthetic urine with pH 6.0 without daylight exposure. Test plates 
and positive controls were incubated with inoculated synthetic urine, while negative controls 
were incubated with sterile synthetic urine.  
 
In order to prepare synthetic urine solutions with different pH-values, 100 mL of sterile 
synthetic urine was prepared and divided into two beakers: one with 20 mL and one with 80 
mL. In the smaller beaker, the pH was adjusted to 6.0 by adding small amounts of 1 M NaOH 
while mixing the solution. Approximately 2.25 mL of synthetic urine was added to each 
negative control. Next, UDT-inoculum was added to the large and small beakers. After 
mixing, 2.5 mL of medium was added to each positive control and functionalized sample. 
The samples were incubated stationary at room temperature for 24 hours before inspection.  
 
Upon inspection of the plates, it was discovered that the solutions had dried out, therefore no 
EC measurements could be conducted. As the bacteria in the medium probably couldn't 
survive without moisture, the experiment was declared a failure and the samples were 
discarded. 

2.5.4 Third Experiment 
Since the experiment 2 failed, the third experiment can be viewed as an extension of 
experiment 2. Because the plastic dishes had a smaller diameter than the jars used in 
experiment 1, uncapped jars could be used as covers over the plates to prevent the growth 
media from evaporating. In total, 24 samples were prepared for this experiment: six 
functionalized plates, twelve positive controls and six negative controls. All sample types 
were grown under two conditions: (1) with daylight exposure, and (2) with no daylight 
exposure. From this point on, all biofilms were grown in pH-adjusted synthetic urine 
(Appendix A5).  
 



 15 

In this experiment, 3 mL of medium instead of 2.5 mL was added to each plate. After adding 
sterile synthetic urine to all negative controls, 0.8 mL of UDT-inoculum was added to the 
growth medium. A manual swirling motion was used to mix the solution before adding it to 
the positive controls and test samples. The samples were incubated stationary at room 
temperature for 5 days before inspection.  
 
One negative control, three positive controls, and three functionalized samples of each type 
(light/dark) were prepared for EC measurements after visual inspection of all samples. The 
EC measurements of each sample were made after 1 hour, 1.5 and 24 hours of incubation. 

2.5.5 Fourth Experiment 
The fourth experiment used the same plastic screw-cap jars as experiment 1. In this 
experiment six different incubation times and two different inoculum types were compared. 
The six incubation times that were compared in this experiment were: 2 hours, 4 hours, 6 
hours, 8 hours, 24 hours and 48 hours. The inoculum types used were UDT-inoculum and 
inoculum containing S. aureus bacteria. 
 
In this experiment, only positive and negative control plates were required since the aim was 
to compare experiment parameters, not to test the functionalized coatings. 28 samples were 
prepared in total: 24 positive controls and four negative controls. The positive controls were 
used to determine which incubation time allowed the most biofilm growth, while the negative 
controls were only used to ensure that the containers and uninoculated medium were sterile.  
 
This experiment utilized a Rotamax 120 shaker from Heidolph Instruments (Germany) for 
non-stationary incubation of samples. Since the shaker platform was too small for the number 
of samples needed for the experiment, a 26×39×13 cm plastic box was secured to the 
platform using clear packaging tape and a piece of styrofoam. The box was secured at a slight 
angle (approximately 30°) in order to prevent dead cells and precipitated salts from falling 
onto the plate surfaces during incubation.  
 
As 10 mL of synthetic urine was required for each sample, 300 mL of synthetic urine was 
prepared in total. 10 mL of growth medium was added to each negative control, then the 
remaining solution (260 mL) was divided into two separate beakers labeled UDT-inoculum 
and S. aureus-inoculum respectively. After that, 1.6 mL of UDT-inoculum was added to the 
UST beaker. An S. aureus-inoculum solution was prepared by dissolving five small re-
streaked colonies (grown overnight) in one mL of synthetic urine. The inoculum was then 
vortexed and added to the S. aureus beaker. Following this, 10 mL of inoculated medium was 
added to each positive control. After that, the samples were incubated at room temperature 
with shaking (100 rpm) for 2-48 hours. At the end of each incubation period, one replicate of 
each type of inoculum was removed. The negative controls were removed from incubation 
after 24 h and 48 h, respectively. After the plates were removed from incubation, they were 
prepared for drying. All plates were washed in deionized water before drying. The plates 
were then dried at 50°C for at least 4 hours. After drying, the plates were stained and 
examined microscopically at 1000x magnification. 
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2.5.6 Fifth Experiment 
The fifth experiment used the same plastic screw-cap jars as experiment 1. In this experiment 
two different growth mediums were compared. A clear packaging tape was carefully applied 
to all bottom-facing sides of the plates in order to be able to easily remove biofilm formed on 
the non-functionalized side of plates (Appendix A6).  
 
Three replicates of each control type (positive/negative) were prepared for each medium type, 
making 12 samples in total. There were two types of medium used: synthetic urine and 
nutrient broth (NB). E-flasks were prepared with two growth media: one with 200 mL of 
synthetic urine, and the other with 80 mL of NB. 10 mL of growth media (synthetic urine or 
NB) was then added to each negative control. By dissolving ten small colonies of S. aureus 
(grown overnight) in 2 mL of each respective medium type, two inoculum solutions were 
prepared. To prepare the two types of growth media for the positive controls, 0.5 mL of 
inoculum was added to 50 mL of the respective medium. 10 mL of inoculated growth media 
was then added to every positive control. After that, the samples were incubated at room 
temperature with shaking (100 rpm) for 2-48 hours. To calculate the cell concentration 
(CFU/mL) in each growth medium solution, two dilution series were made with plated 
dilutions in the range between 10-1 and 10-5. The absorbance (OD600) of the inoculum 
solutions was also measured. 
 
After the samples had incubated for 24 hours all plates were washed. Eight plates were then 
prepared for staining and four plates for electroconductivity measurements. After washing, 
the tape covers on the four plates for activity measurements were carefully removed, then the 
plates were placed in new sterile containers. Depending on the type of incubation medium 
that the plates had been incubated in earlier, each container was filled with 50 mL of 
synthetic urine or NB. The samples were then incubated a second time at room temperature 
with shaking (100 rpm) for 24 hours. During incubation, electroconductivity was measured at 
different points in time.  
 
The plates for staining were dried at 50°C for at least four hours after washing. Since the 
dried plates were only covered in gram-positive S. aureus, only crystal violet was needed to 
stain the biofilms.  
The tape covers underneath the stained plates were removed after washing off the crystal 
violet staining solution. As before, stained plates were examined at 1000x magnification with 
a phase contrast microscope.  

2.5.7 Sixth Experiment 
The sixth experiment was pretty similar to experiment 5, but with a few minor changes. 
Following experiment 5, there were no Sarstedt screw-top jars left, so experiment 6 used jars 
from Greiner Bio-One measuring 61×71 mm (D×H). Furthermore, NB was used for all 
samples during the first incubation, while synthetic urine was used for the second incubation 
(activity measurements).  
 
Twelve samples were prepared for this experiment: six positive and six negative controls. For 
every negative control, 10 mL of sterile NB was added, and for every positive control, 10 mL 
of S. aureus-inoculated NB was added. Eight small colonies of S. aureus were mixed into 3 
mL of NB by vortexing, then 1.5 mL of the inoculated solution was added to 90 mL of NB.  
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The cell concentration (CFU/mL) in the inoculum solution was calculated by making a 
dilution series with plated dilutions in the range between 10-3 and 10-8. The absorbance 
(OD600) in the inoculum solution was also measured.  
 
After that, the samples were incubated at room temperature with shaking for 24 hours. To 
calculate the cell concentration (CFU/mL) in the growth medium in each positive control 
container after the first incubation six dilution series were made with plated dilutions in the 
range between 10-7 and 10-9. Negative control solutions were also controlled by plating 100 
μL of each negative control solution on an agar plate, corresponding to a 10-1 dilution.  
 
After the samples had incubated for 24 hours all plates were washed. 
Six plates were then prepared for staining and six plates for electroconductivity 
measurements. The electroconductivity measurements were done in the same way as in 
experiment 5, except that only synthetic urine was used for growth medium rather than both 
synthetic urine and NB. The growth medium had to be changed because the nutrient broth 
lacked urea, making it unsuitable for evaluating the activity of urease. Staining and 
microscopy were performed as in experiment 5.  

2.5.8 Seventh Experiment 
This was the final experiment. In this experiment four different batches of functionalized 
plates were incubated in two different settings: either with or without UV-irradiation. The 
first three batches of functionalized plates were prepared according to the methods presented 
in the report, while the fourth batch was prepared by another master thesis student using a 
PVD method. Three replicates of each batch, setting and sample type (functionalized plate, 
positive control, negative control) were prepared, making a total of 24 functionalized samples 
and 12 controls. Experiment  7 used the same plastic screw-cap jars as experiment 6. Since 
the shaker table setup with the plastic box could fit a maximum of 20 screw-cap jars, the 
experiment was divided into two parts with 18 samples each (12 functionalized and 6 
controls).  
Experiment 7 was carried out similarly to experiment 6, but only using NB as the growth 
medium and without measuring electroconductivity. 
 
In the first part of the experiment, 18 samples were incubated at room temperature for 24 
hours without any UV-exposure. Experiment preparations included setting up the incubation 
shaker and covering the shaker setup with aluminium foil to shield the samples from light 
exposure. After the preparations were complete, 10 mL of sterile NB was added to every 
negative control, then an inoculum solution with S. aureus was made by dissolving 8 small 
colonies in 2 mL of NB. After vortexing, 1.5 mL of inoculum solution was added to 150 mL 
of NB. 10 mL of inoculated NB was then added to every positive control and functionalized 
sample. The samples were then sealed and incubated in darkness at room temperature with 
shaking for 24 hours. To calculate the cell concentration (CFU/mL) in the inoculum solution 
a dilution series was made with plated dilutions in the range between 10-5 and 10-9. After the 
samples had been incubated for 24 hours, all plates were washed in deionized water. The 
plates were then dried, stained and examined using the same methods as in experiment 5.  
 
The second part was conducted in a similar manner to the first, with one notable 
modification: UV-light exposure. In this part of the experiment, UV-light was used to 
irradiate the plates, so opaque screw caps couldn't be used. Instead, each sample container 
was sealed with transparent plastic wrap.  
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UV-light was produced inside the aluminum foil-covered shaker setup by attaching two 
battery-powered Merck UV-lights (4W/366 nm) to the lid of the plastic box with adhesive 
tape. The 18 samples (12 functionalized and 6 controls) used for part two were prepared in 
the same way as the samples in part one. After that, the samples were incubated at room 
temperature with shaking and UV-irradiation for 24 hours. The plates were then washed, 
dried, stained and examined using the same methods as in the fifth experiment. To calculate 
the cell concentration (CFU/mL) in the inoculum solution a dilution series was made with 
plated dilutions in the range between 10-6 and 10-10.  

3. Results 

3.1 Functionalized Surfaces 

A number of plate coatings smeared easily, which indicated that the coatings had not been 
baked sufficiently, thus the baking time needed to be increased. To determine the optimal 
baking program for the Nabertherm P330 oven, another test batch of TiO2-coated plates was 
made with three hours of hold-time instead of one. After baking, the coatings were examined 
visually and scratched with a scalpel. The coatings seemed drier this time, but there was still 
smearing. The scrapings looked powdery when scratched with a scalpel. To make the 
coatings harder in future experiments, the hold-time was increased to four hours.  
 
Since a rougher surface has a larger surface area than a smooth surface, the coatings should 
adhere better to rougher surfaces than to smooth ones. To test this theory, two methods for 
etching glass surfaces were tested: wet chemical etching and mechanical etching. After 
chemical etching, the glass plates were very thin (0.5 mm) and uneven, making coating them 
with titanium dioxide very difficult. This may be related to the long treatment period with 
HF. A mechanical etching method was then investigated, which involved grinding the glass 
surfaces against sandpaper. This method was easy to use, produced uniform scratched glass, 
and was useful in preparing Doctor-blading surfaces. 
 
In the end, all TiO2-coated plate samples were sensitive to touch and smearing, so they 
needed to be handled carefully, even after being baked at 500°C for four hours. Despite the 
fact that the plates were all prepared in the same way, there were some slight differences 
between the first two batches and batch three. When viewing the first two batches of plates 
from an angle after baking, they appeared slightly transparent and blue, while the third batch 
appeared frosted and white. These differences may have to do with the size of nanoparticles 
in the pastes and the thickness of the coatings. Because the coatings in batch three were less 
transparent than those in batches one and two, it was suspected that they were thicker as well. 
In order to visually confirm batch one and two were distinct from batch three, a plate from 
each batch was placed on a small light table (Figure 3). When batch one and two plates were 
placed flat on a surface and viewed from above, they appeared transparent and colorless.  
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Figure 3: Side-by-side comparisons of different batches of functionalized plates. a) Observation of plates from above, 
placed flat on a light table. b) When viewed from the side, the plates appear to be colored blue or frosted white. (b) 
shows batch one at the top, batch two in the middle, and batch three at the bottom.  

 
In addition to the three batches of functionalized plates coated with the Doctor-blade method, 
a few samples were coated with TiO2 by physical vapor deposition (PVD). These plates 
looked different from all the doctor-blade coated plates. The surfaces were very shiny and 
transparent, and their color was faintly pink. The thickness of these plates were 150-200 nm.  
 
After functionalization of all the TiO2-coated plates, the atomic composition of each batch of 
functionalized plates was investigated using XPS. To ensure that the atomic composition of 
each replica in each batch was the same, 12 positions on four replicate plates from batch one 
were measured. In batches two and three, only two positions were measured per replicate due 
to a miscommunication. Four positions on four different PVD plates were measured.  
 
In table 2, the total average percentages in each batch are summarized. The atomic 
composition of batches 1-3 and PVD plates was quite different, with the PVD plates having a 
higher sulphur content, a lower oxygen content, a lower titanium content, and a six times as 
high carbon content. In batches 1-3, the average atomic composition was more consistent. 
Figure 4 illustrates the difference in the average atomic percentages for each batch. Standard 
deviations are also shown for batch one and the PVD-plates.  
 
Table 2: Total average atomic percentage of sulphur, oxygen, carbon and titanium on the surfaces. For batch 1 and 
PVD plates, standard deviation is included as well.  

Name Measured 
positions 

S at. % O at. % C at. % Ti at. % 

Batch 1 12 3.67 ± 0.55 65.39 ± 1.98 3.85 ± 0.89 27.13 ± 1.31 

Batch 2 2 2.60 66.50 3.95 27.00 

Batch 3 2 2.85 66.90 4.45 25.80 

PVD plates 4 5.80 ± 2.21 58.35 ± 2.01 25.45 ± 5.78 10.40 ± 6.86 
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Figure 4: Bar-plots of average atomic percentages of each element. Batch one is shown in purple, batch two in blue, 
and batch three in teal. PVD-plates are shown in green. The error bars show the standard deviation.  

3.2 Biofilm Experiments 

Different colony types of the wild urease-active biofilm inoculum were restreaked on tryptic 
soy agar (TSA) plates and examined. The restreaked colonies showed several different 
phenotypes, with some colonies growing faster than others and some exhibiting swarming 
behavior. At least four different types of colonies with different morphologies could be 
distinguished and isolated. However, none of these isolated strains showed urease activity 
after a urease test was conducted (37°C, 24 and 48 hours). However, the inoculum sample as 
a whole showed urease activity, so it could still be used for some experiments. The cell 
concentration in the inoculum was calculated to be between 107 and 2.7 • 107 CFU/mL.  
 
Several bacterial species can be identified by their odor, so each colony was smelt. In one 
colony type, plated on a blood-agar plate, there was a grape-like smell, which according to 
literature is characteristic of Pseudomonas aeruginosa. According to research, this smell is 
caused by the molecule 2-aminoacetophenone (Cox & Parker 1979). Some strains of 
Pseudomonas produce urease (Bradbury et al. 2014, Raissy et al. 2016), but there are also 
strains that are not good at producing urease (Gaby & Hadley 1957, Goswami et al. 2015). 
Since the Pseudomonas strain from the inoculum was not urease-positive, it could not be 
used for the project experiments. Aside from P. aeruginosa, no other bacterial species could 
be fully identified.  
 
To test if bacteria could grow in synthetic urine with a lower pH, the first experiment used 
synthetic urine which was not pH-adjusted. The reason why this was tested was to see if pH-
adjustment really was necessary for future experiments, since pH-adjusted synthetic urine 
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would require more preparation time than unadjusted synthetic urine. After the first 
experiment samples were incubated for three days at two different temperatures (28°C and 
23°C), the plates were inspected visually. With the plates tilted slightly, it was possible to see 
some growth of the biofilms. The biofilm structures appeared as slimy spikes and bumps 
sticking out from the glass surface. While pH-adjustment did not seem to negatively affect 
the growth of the biofilm, subsequent experiments included pH-adjustment so that all growth 
mediums would have a consistent pH.  
 
Table 3 presents the measured dry mass results. The weight difference was calculated by 
subtracting the last measurement (plate masses after cleaning and 12 hours of drying) from 
the second measurement (plate masses after 14 hours of drying). If a second measurement 
was not available, then the last measurement was subtracted from the first. The scratched 
glass plates and smooth glass plates did not show any visible differences in biofilm growth 
before drying, therefore scratched glass plates would not be necessary for positive and 
negative controls. There was little difference in areal density between the plates grown at 
28°C and the plates grown at room temperature, therefore room temperature (23°C) was used 
for future experiments. After drying the samples for 12 hours, there was a small difference in 
mass between the first and second measurements, which indicated that some water was still 
present in the samples. Future experiments should therefore dry the samples longer. 
 
Table 3: Presented here are the dry mass measurements from experiment 1, where we compared different incubation 
temperatures and incubation times.  

 3 days incubation 5 days incubation 10 days incubation 

Process 23°C 28°C 23°C 28°C 23°C 28°C 

12 hours drying 1.8068 g 1.7766 g N/A N/A 1.8176 g 1.7742 g 

14 hours drying 1.8059 g 1.7761 g 1.7685 g 1.7697 g N/A N/A 

After cleaning and 
12 hours drying 

1.8040 g 1.7741 g 1.7654 g 1.7665 g 1.8172 g 1.7746 g 

Weight difference 1.9 mg 2.0 mg 3.1 mg 3.2 mg -0.4 mg  0.4 mg 

Areal density 
[mg/cm2] 

0.304  0.464 0.496 0.512 0.064 0.064 

 
Experiment 2 used small, uncovered petri dishes instead of screw-cap jars. This meant that a 
lot less solution could be used to grow the biofilms. The screw-cap jars used in experiment 1 
held 5 mL of medium, whereas the dishes used here held only about 2.5 mL of medium. In 
experiment 2, the dishes were incubated at room temperature (23°C) without covers, which 
led to the samples drying out after 24 hours. It was assumed that the biofilms could not be 
revived by adding new media to the plates. By changing the general experimental process, the 
results would also have been unpredictable. It was decided instead to repeat experiment 2 
with covered dishes in experiment 3.  
 
Experiment 3 involved growing sample types either with daylight exposure or without 
daylight exposure. After incubating all the samples for experiment 3, the plates were visually 
inspected. Even though the samples were covered with a lid during incubation, some samples 
had dried out, so this new setup with petri dishes was not deemed reliable. Other plates were 
moist and showed signs of growth.  
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Several positive controls and functionalized plates showed growth, but those with 
functionalized plates only contained growth at the edges. No biofilm growth could be 
observed on any of the negative controls. The functionalized samples that were exposed to 
daylight and those that were exposed to darkness produced similar biofilms.  
 
Table 4 presents the measured electroconductivity of all samples. All test samples showed an 
increase in EC. The highest EC difference was seen for the negative control L3-, and the 
lowest for the positive control D2+. Since the differences in electroconductivity (ΔEC) were 
similar for all sample types, more data was necessary to verify if the EC-method actually 
worked. Thus, additional measurements of EC were made in a later experiment.  
 
Table 4: Electroconductivity measurements in samples from experiment 3. Plus signs indicate positive controls, 
minus signs indicate negative controls. Functionalized plates are indicated by the letter F, light-exposed plates by the 
letter L, and dark-incubated plates by the letter D.  

Sample EC (1 h) [mS/cm] EC (1.5 h) [mS/cm] EC (24 h) [mS/cm] ΔEC [mS/cm] 

L3- 9.505 9.507 10.98 1.475 

L1+ 9.499 9.504 10.92 1.421 

L2+ 9.513 9.502 10.93 1.417 

L3+ 9.497 9.490 10.92 1.423 

LF1 9.488 9.485 10.93 1.442 

LF2 9.503 9.500 10.91 1.407 

LF3 9.509 9.507 10.92 1.411 

D3- 9.505 9.506 10.95 1.445 

D1+ 9.507 9.521 10.95 1.443 

D2+ 9.511 9.498 10.89 1.379 

D3+ 9.500 9.505 10.92 1.420 

DF1 9.511 9.495 10.91 1.399 

DF2 9.522 9.507 10.92 1.398 

DF3 9.511 9.505 10.93 1.419 

 
In order to examine these questions further, a new experiment was planned with a new batch 
of synthetic urine and a new experimental setup that involved mixing. Before starting the 
fourth experiment, the biofilm-like structures on the plates from experiment 3 were stained 
and examined visually by microscopy. Crystal structures and signs of bacteria could be seen 
at 400x and 1000x magnification (Figure 5).  
 
In order to determine if the crystals on the plates could be dissolved, the plates were lowered 
into containers with 50 mL of deionized water. As the plates were lowered into the deionized 
water, some crystal structures dissolved and diffused into the solution. 
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Figure 5: Microscopy results from experiment 3. (a) Crystal structures on unstained positive control, 400x 
magnification. (b) Crystal and (c) bacterial structures on the positive control plates, 1000x magnification.  
 
In the fourth experiment, samples containing either one of two different types of inoculum 
were incubated for 2 to 48 hours. After the samples had finished incubating, they were dried, 
stained and investigated by microscopy. Although all positive controls showed bacterial 
growth, the extent of the growth on the surfaces differed. Generally, more growth of bacteria 
was observed on plates that had been inoculated with S. aureus, therefore S. aureus-inoculum 
was used for all subsequent experiments. As expected, longer incubation times resulted in 
more biofilm growth. In the negative controls, almost no bacteria were present, only some 
stained crystals. Due to problems with the microscope, the positive controls that had been 
incubated for 24 and 48 hours respectively could not be examined properly. Despite 
determining that the growth of the bacteria was acceptable after 8 hours incubation, further 
growth would benefit future experiments, so the incubation time was increased to 24 hours.  
 
Samples in experiment 5 were grown in either nutrient broth (NB) or synthetic urine. For 
each type of medium, three negative controls and three positive controls were incubated. 
Incubation was followed by either staining and microscopy or EC-measurements.  
 
Because the first round of stained plates showed a significant difference in bacterial growth 
between the two medium types, only one replicate of each control and medium type was used 
for the staining and microscopy analysis. This was deemed sufficient to determine the most 
effective medium. The microscopy analysis (400x magnification) of the stained plates 
showed that the bacteria grew better in nutrient broth (NB) than in synthetic urine, therefore 
NB was used in later experiments (Figure 6). Though the microscopy results were sufficient 
to compare the growth media, the analysis would have been more relevant if all replicates had 
been analyzed; without at least three replicates, the results cannot be considered reliable. 
 

Figure 6: Biofilm growth on glass plates incubated in nutrient broth (NB) and synthetic urine respectively. Positive 
controls were grown in media inoculated with S. aureus while negative controls were grown in sterile media.  
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Experiment 6 was primarily designed to test whether the electroconductivity measurement 
technique worked well for this project and to confirm some of the fifth experiment’s 
microscopy results. Table 5 presents the measured EC of all samples. In this experiment, the 
EC values were higher, starting at 15.4 mS/cm instead of 9.5 mS/cm as in the previous 
experiment. The ΔEC-values from these samples, however, were very small. Since the EC 
differences were inconsistent between the replicates of both sample types, the EC method 
was excluded from subsequent experiments.  
 
Table 5: Electroconductivity measurements in samples from experiment 6. Plus signs indicate positive controls, 
minus signs indicate negative controls.  

Sample 0 hours [mS/cm] 3 hours [mS/cm] 24 hours [mS/cm] ΔEC [mS/cm] 

1+ 15,42 15,40 15,33 -0.09 

2+ 15,43 15,40 15,28 -0.15 

3+ 15,42 15,39 15,42 0 

1- 15,42 15,40 15,36 -0.06 

2- 15,44 15,40 15,28 -0.16 

3- 15,43 15,40 15,42 -0.01 

 
As well as the electroconductivity measurements, experiment 6 also included staining 
incubated plates to verify the appearance of the plates in experiment 5. Three replicates of 
each control were stained and analyzed, and all microscopy results were consistent with those 
from experiment 5 (Figure 7).  
 

 
Figure 7: Biofilm growth on glass plates incubated in nutrient broth (NB). Positive controls were grown in NB 
inoculated with S. aureus while negative controls were grown in sterile NB.  
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In addition to verifying the previous experiment's results, these samples also showed 
interesting patterns of biofilm growth on the plates.The ripple patterns observed on the 
positive controls (Figure 7) are similar to those observed in nature on shoreline sand bottoms, 
which are formed by waves. Since no patterns of this kind had been observed in the previous 
experiments where the samples were incubated stationary, it was suggested that these patterns 
may have been the result of shaking during incubation.  
 
In the final and seventh experiment, the incubated plates were examined only by microscopy. 
In total, 36 plates were stained and examined, half of which were incubated in darkness and 
half under UV illumination. The first part of experiment 7, where the samples were incubated 
in the dark without UV illumination, went well. The second part, however, failed partly 
because the UV lamps had stopped working by the time it was time to stop incubating the 
samples after 24 hours. It is unknown when the UV-lamps stopped working, but trouble-
shooting revealed that the lamp's non-UV lights still worked, but not the UV-lights. Thus, 
there was still some battery in the lamps, but probably not enough to operate the UV-lights. 
This theory was proven when the batteries to the lamps were changed, which made the UV-
lamps work again. Since it is unknown when the lamps stopped functioning correctly, UV-
illumination of the plates cannot be verified, so these samples cannot be classified as such.  
 
For staining, the microscope slides on which the plates were placed were labeled according to 
the type, batch number, replicate number, and UV exposure. Controls were labeled with a 
plus or minus sign after their replicate number. Additionally, plates with UV illumination 
were marked with 'UV'. As an example, sample B12 means batch one, replicate two, without 
UV exposure. The functionalized plates which were coated using PVD were marked with a P 
(for PVD) instead of a B (for batch number).  
 
A ring-shaped stain was found on all the plates following staining. The rings were caused by 
residual liquid that formed a drop on the plates during their drying process. When examined 
under a microscope, the rings were found to consist of large amounts of stained bacteria 
(Figure 8). As the rest of the surfaces were less bacteria-coated than the area around the rings, 
it was hypothesized that the bacteria around the rings might be leftovers from the incubation 
medium, indicating that washing was not sufficient.  
 

 
Figure 8: Example of a ring-stain on a sample plate from experiment 7. The sample plate shown is sample UVB11 
before it was destained with ethanol.  
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A summary of the microscopy results from the final experiment can be found in Figure 9. 
Several images were taken at random locations on each sample during microscopy. One 
image was then selected for each sample in this figure. During the selection process, the 
microscopy images showing ring-stains bacteria were rejected since they did not represent 
true biofilm growth.  
 
All samples except the negative controls were found to have bacterial growth. The stains on 
the negative controls were caused by glue residue from the pieces of tape that covered the 
bottom of the plates before, not by bacterial growth.  
 
When comparing the biofilm growth on the different surfaces, the growth on the 
functionalized surfaces from batch one and two appears to be more evenly distributed than 
that on the positive controls. The positive control plates show microcolony-like growth on the 
first and second replicate but only a few surface-attached bacteria on the third. In the first two 
positive control replicates, there is a possibility that the stained bacteria are not surface-
attached biofilms, but bacteria from the ring-shaped stains. The functionalized plates from 
batches one and two showed less biofilm growth than the first two positive control plates (1+, 
2+), but more growth than the third positive control plate (3+). 
 
The biofilms on the functionalized surfaces from batches one and two were similar, with 
most bacteria at the attachment stage. In the third batch of functionalized plates, it was nearly 
impossible to distinguish stained bacteria, since the plates had a rather porous surface. Thus, 
the bacterial growth on the batch three plates was not compared to the rest of the batches.  
 
Of all the functionalized plates, the PVD-coated plates had the greatest amount of biofilm 
growth. The functionalized PVD surfaces had a more blue tone than the other plates. These 
plates were functionalized on some areas, but not all areas, which allowed direct comparisons 
of bacterial growth on functionalized surfaces versus plain glass surfaces. On the plates that 
were not exposed to UV, the stained biofilms looked more three-dimensional, possibly 
indicating that they were in the maturation phase of biofilm formation. In contrast, the UV-
exposed PVD plates showed biofilms still in the attachment stage of biofilm formation.  
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Figure 9: Biofilm growth on glass plates incubated in nutrient broth (NB). Positive controls were grown in NB 
inoculated with S. aureus while negative controls were grown in sterile NB.  
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A surprising observation from the examination of the PVD plates was that bacteria appeared 
to grow underneath the functionalized surfaces, and not just on top as on the other 
functionalized surfaces. This can be seen in Figure 10, which shows the growth of bacteria 
around the functionalized regions.  
 

 
Figure 10: Images of PVD-coated plates obtained by microscopy. The functionalized regions on the plates are blue, 
while the unfunctionalized glass regions are white or pale yellow. (a) Functionalized coating fragmented into pieces. 
(b) Bacterial growth on the border between unfunctionalized glass (top) and functionalized glass (bottom). (c) 
Bacterial growth beneath a damaged functionalized surface. 
 
The staining and microscopy results from part one also revealed that the functionalized 
surfaces on the plates from batches one and two absorbed the crystal violet stain very well, 
resulting in very purple samples after washing them with water. In part two of the 
experiment, a few drops of ethanol were added to each stained plate from batches one and 
two to determine if the stain could be removed. The ethanol quickly destained the plates, 
leaving them white. The crystal violet stain was also not fully bound to the stained bacteria 
on the plates, so the ethanol easily destained the bacteria, making microscopy much more 
difficult. Figure 9 shows the difference between stained and destained plates on the B1 and 
B2 rows, where the stained samples are in the left half and the destained samples in the right 
half. In batch number three, the functionalized surfaces did not show as much staining as the 
other batches, but an overall difference in surface structure.  

4. Discussion 
As there is no universally accepted standard way to grow biofilms or quantify biofilm 
activity, this project had to rely primarily on experiments to find a way to grow and evaluate 
biofilms on the functionalized surfaces. The project also aimed to evaluate urease-active 
biofilms, which are even less understood than biofilms in general, thus adding an additional 
layer of complexity to the project. Having only limited information about the functionalized 
surfaces at the beginning of the project and no clear starting method for growing biofilms on 
surfaces, developing and evaluating the biofilm-growing method was a time-consuming 
process. The manufacturing of the functionalized surfaces was also a challenge, mainly due 
to the coatings' inability to harden properly.  
 
In the biofilm experiments, none of the examined quantitative methods provided results that 
clearly showed a difference between functionalized surfaces and control plates in biofilm 
growth. The plates were instead examined microscopically, using a qualitative approach. As a 
result of this method, biofilm growth was observed on all functionalized surfaces, which 
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suggests the functionalized surfaces lacked adequate antimicrobial properties. More studies 
are needed, however, to determine the extent to which functionalized surfaces can reduce the 
growth of biofilms.  

4.1 Manufacturing the Functionalized Surfaces 

The manufacturing of functionalized surfaces was a challenging aspect of the project, since 
some manufacturing processes were not fully developed. One of the most important problems 
that could not be resolved in this project was the smearing of the TiO2 coatings. The presence 
of organic binder in the coatings and the porosity of the surface were suggested as possible 
causes of this smearing. Though no explanation was found for the staining of the 
functionalized coatings, some studies suggested that photocatalytic oxidation by using TiO2 
might be an option for removing the stain in future experiments. The XPS analysis revealed 
that the PVD plates had a much higher carbon content than expected, and much less titanium 
and oxygen than expected. The very thin coatings created by PVD-coating technique might 
have caused this.  

4.1.1 Incomplete Baking of Titanium Dioxide Coatings 
The most challenging part of preparing the functionalized surfaces was making the TiO2 
coatings harden properly. Even after grinding the surfaces and increasing the baking time of 
the plates from one hour to four hours, the plates were still sensitive to touch and smearing. 
The pastes which were used for the TiO2 coatings contained organic binders to provide 
versatile porosity. Since organic molecules are defined as molecules which are primarily 
made of carbon atoms, these binders can be seen as sources of carbon. Batches one, two, and 
three were prepared with TiO2 paste, so the average atomic percentage of carbon of these 
coatings can be considered a measurement of the organic binder present. Among these 
batches, the average atomic percentage (C at.%) after baking was pretty low, ranging between 
3.85 and 4.45%.  
Until the atomic composition of the pastes has been determined, it is impossible to know how 
much organic binder was vaporized during baking. However, there must still be some binder 
in the coatings, since no other carbon sources should be present.  
 
Perhaps the surface porosity is the cause of smearing, rather than the atomic composition of 
the coating. As can be seen in Figure 9, there is a significant difference in surface porosity 
between batches one, two, and three. Since batches one and two used a different TiO2 paste 
with larger TiO2 nanoparticles than batch three, it can be expected that the coatings are 
somewhat different. However, since smearing was observed in all three batches, differences 
in porosity and nanoparticle size cannot be viewed as the main cause for the smearing.  

4.1.2 Staining and Destaining of Functionalized Surfaces 
In experiment 7, the functionalized surfaces on the plates from batches one and two absorbed 
the crystal violet (CV) stain very well. It is not known what caused the staining, but since the 
coatings on the plates are supposed to be porous, it is possible that the CV stain was absorbed 
by the porous structures. When searching for an explanation in the literature, it was found 
that researchers have used a variety of techniques to remove aqueous CV, including TiO2-
based photocatalytic oxidation (Ju et al. 2011, Zarubica et al. 2014). Thus, UV-light could 
potentially be used in future experiments to remove the stain from the surfaces. 
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4.1.3 Differences in Atomic Percentages between Plate Batches 
The results of this project also revealed interesting differences in atomic percentage between 
different batches and coating methods. In the XPS analysis, the most surprising finding was 
the atomic composition of the PVD plates, since they had a much higher carbon content and a 
much lower titanium and oxygen content. As the PVD plates had very thin coatings (150-200 
nm), the surface-to-mass ratio of the coatings probably contributed to lower oxygen and 
titanium contents, since thinner coatings contain less TiO2. The average atomic percentages 
shown in Table 2 and Figure 4 support this theory. Based on the assumption that all coatings 
have the same top surface area, the thinner coatings on PVD plates should have more sulfur 
per mass unit than those on batch 1-3. The cause of the high carbon content in PVD plates, 
however, remains a mystery.  

4.2 Developing a Method for Growing and Analysing Biofilms 

As part of the biofilm experiments and development of the method for growing and 
evaluating biofilms on surfaces, a variety of parameters and growth modes were tested and 
adjusted along the way. Incubation at an angle with shaking (experiment 4) was found to be 
the most efficient option of the investigated incubation setups, as it improved mixing in the 
medium and prevented sedimentation. Because the many types of bacteria in the wild 
inoculum could not be identified and did not exhibit urease activity, the S. aureus inoculum 
proved to be most suitable for the project (experiment 4).   
 
In the final experiment (experiment 7), biofilm growth was evaluated using the qualitative 
method using microscopy, since the quantitative methods failed to show significant differ-
ences between functionalized plates and control plates in the earlier experiments. According 
to the microscopy results, all of the biofilms on the plates after 24 hours of incubation were in 
either the surface attachment or microcolony formation stages of biofilm formation.  
 
The final experiment had several issues, including ring-stains, faulty UV-lamps, and a non-
standardized microscopy analysis method. As a result, more experiments should be 
conducted with an improved setup before the functionalized surfaces antimicrobial properties 
can be evaluated fully. 

4.2.1 Comparing Stationary Growth with Shaking and Positioning of the 
Surfaces 
Since urease-active bacteria can be found in both stationary and flowing environments 
(depending on whether a toilet is being used or not), it was unclear whether biofilms should 
be grown stationary or with mixing. As the project had a limited amount of time to conduct 
the experiments, optimal growth was desired, since it would speed up the process of growing. 
One of the factors that influences biofilm formation is shear stress (Flemming et al. 2016), 
which can be caused by mixing. In nature, biofilms can develop in shear stress, but they 
usually do so slowly, which wasn't ideal for this project. However, mixing also facilitates the 
mixing of nutrients in the media, which benefits biofilm formation. Due to the advantage that 
stationary incubation does not require advanced equipment, and thus simplifies experimental 
set-up, the first experiments (experiments 1-3) used stationary growth.  
 
Aside from the growth mode, the positioning of the surfaces in the bacterial solution medium 
also affects biofilm formation (An & Friedman 1997). For the first three experiments, two 
different types of containers were used: screw-cap jars and petri dishes. These container types 
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were compared to determine if biofilms grow better in smaller solution volumes, which 
improves aeration in the medium, or fully immersed in a solution, which provides more 
moisture. Due to the small volume of the petri dishes, it wasn't unexpected that samples in 
experiment 2 dried out during incubation. But even when the petri dishes were covered 
during incubation in experiment 3, some samples still dried out, therefore the petri dishes 
were not considered suitable for this project.  
 
In the first experiments (experiments 1-3), crystals developed on the incubated plates. It is 
possible that these observed crystals originated from urease-producing bacteria, since urease-
producing bacteria can cause crystalline biofilms on the surface of catheters (Pelling et al. 
2019). In addition, it was suspected that insufficient mixing and precipitation of salts caused 
these crystals to form. Therefore, in subsequent experiments (starting with experiment 4), 
samples were incubated with shaking. While shaking, the samples were also positioned at an 
angle. This was done in order to prevent sedimentation of salts and dead cells on the surfaces, 
which can occur when samples are incubated horizontally (An & Friedman 1997).  

4.2.2 Mass Measurement as a Quantitative Method for Biofilm Analysis 
Among the most common methods for quantifying biofilm growth are counting the number 
of viable cells after biofilm disruption and measuring the dry weight of the biofilms (Trulear 
& Characklis 1982, Mandakhalikar et al. 2018). Between these two methods, measuring the 
dry weight was the most applicable for this project, as viable cell counting would have been 
too time-consuming. 
 
Several studies have used a similar dry mass measurement method as in this project 
(experiment 1) to study biofilms (Hoehn & Ray 1973, Trulear & Characklis 1982, Molin & 
Nilsson 1985). However, none of these studies has used synthetic urine to grow their 
biofilms. Because crystallization occurred in the synthetic urine that was used in this project's 
experiments, the dry mass measurements may not reflect only biofilm mass but also the mass 
of the formed crystals. It is also possible that the small differences in mass could be caused 
by damage to the glass plates during handling and washing. For these reasons, we chose not 
to use mass measurements in the experiments after experiment 1.  
 
If the dry mass and surface area of a biofilm is known, it is possible to calculate the areal film 
density, which is equal to the density of dry mass per unit growth surface (Trulear & 
Characklis 1982). During this study, each surface had an area of 6.25 cm2 and the highest dry 
mass was measured as 3.2 mg (see Table 3). This was after an incubation period of five days 
in synthetic urine. This meant that the highest areal film density was 0.512 mg/cm2. Since this 
areal density was higher than that of Trulear & Characklis (1982), which was 0.11 mg/cm2, it 
is possible that crystallization affected the dry mass weight of the biofilms.  
 
The results from experiment 1 show that the areal density increased between 3 days and 5 
days of incubation, but after 10 days, it decreased significantly. Although it is unknown what 
caused this decrease in mass after 10 days, it might be related to nutrient depletion in the 
medium. The theory that starvation can trigger biofilm detachment has been confirmed in 
another study, where biofilms of P. aeruginosa were grown in continuous flow-conditions, 
and when flow was stopped, detachment occurred (Hunt et al. 2004). Therefore, it is possible 
that the biofilm-associated bacteria in the samples simply detached from their surfaces after 
nutrients in the medium were depleted.  
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Because the plates were washed and dried before measuring dry mass, detached biofilm-
associated bacteria are not included in the dry mass measurement. As was shown in Figure 1, 
biofilm-associated bacteria can also detach from mature biofilms to colonize new surfaces in 
nutrient-rich environments. However, this detachment is more of a colonization strategy than 
a survival strategy.   
 
Two approaches could be used in the future to test the hypothesis that nutrient depletion 
causes biofilm detachment: (1) by supplying additional media during incubation (fed-batch 
culture) to prevent nutrient loss while monitoring the changes in dry mass, and (2) by plating 
medium solution at different incubation times in batch mode and counting the colony forming 
units. With fed-batch cultures, the surface-attached biofilms are maintained in a stable and 
favorable environment, allowing them to grow instead of dispersing into planktonic bacteria. 
Additionally, plating solutions at different incubation times while in batch mode could show 
how the concentration of detached bacteria changes over time. Biofilm detachment could 
then be indicated by a decrease in the dry mass coupled with an increase in detached bacteria.  

4.2.3 Comparing Growth Temperature and Surface Roughness 
During the experiment 1 two different surface types were compared: scratched glass plates 
and smooth glass plates. In this experiment, the surface structure was investigated since more 
surface area may be beneficial for bacterial attachment and biofilm formation. However, with 
the naked eye, there was no difference in biofilm growth between smooth and scratched glass 
plates. And as scratched glass plates required more preparation time, smooth glass plates 
were chosen as control plates.   
 
There was little difference in dry mass between the plates grown at 28°C and the plates 
grown at room temperature (Table 3). Because of the limited space in the incubator (28°C), it 
was more convenient to conduct the experiments at room temperature (23°C). Thus, room 
temperature was chosen as the incubation temperature for the remaining experiments. 
Nevertheless, it is important to note that studies have shown that the optimal temperature for 
bacterial attachment and biofilm formation is 30°C (Else et al. 2003). Therefore, future 
experiments should be conducted at a temperature higher than 23°C if possible.  

4.2.4 EC-measurements as a Quantitative Method for Biofilm Analysis 
After finding that the dry mass measurement method was not suitable for quantifying the 
biofilm growth in this project, a different method using electroconductivity (EC) was tested 
in experiments 3 and 6. This method quantified biofilm growth by measuring urease activity. 
The reason why EC was used to analyze the biofilms is because research has shown that EC 
is positively related to ammonia concentration, meaning that samples with a higher amount of 
ammonia should have higher EC (Ray et al. 2017). Since urease enzymes hydrolyze urea to 
ammonia, these increases in EC also indicate higher urease activity. Thus, positive controls, 
which should contain urease-producing bacteria, should show an increase in EC, while 
negative controls, which should not contain any bacteria, should remain unchanged. 
 
Electroconductivity measurements were first attempted in experiment 3. These conductivity 
results were not in line with previous studies. All samples, including the negative controls 
and the samples with functionalized plates, showed an increase in conductivity. This was 
unexpected considering that urease-active bacteria should not have been present in the 
negative control samples, thus the ammonia concentration should not have increased over 
time. In theory, the functionalized plates should possess antimicrobial properties. Therefore, 
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if the plates functioned properly and prevented the growth of urease-active bacteria, there 
shouldn't be any difference in conductivity for the functionalized samples either. 
Furthermore, the conductivity had changed very little in the samples after 24 hours of 
incubation in synthetic urine. In experiment 3 the differences in electroconductivity, ΔEC, 
ranged between 1.475 mS/cm and 1.379 mS/cm for the highest and lowest values. The 
samples used in study by Ray et al. (2017) showed changes in conductivity of 4 mS/cm after 
only four hours of incubation, therefore a bigger difference in ΔEC was expected for the 
samples which were incubated for 24 hours. 
 
When the standard curve (Appendix A3, Figure 11b) is used to convert the 1.475 mS/cm 
change in conductivity into a change in nitrogen, it becomes 1.07 NH-N g/L, which indicates 
that the ammonia concentration has increased by approximately 1 g/L during incubation. 
Since the starting concentration of urea in the synthetic urine solution is 15 g/L, this might 
indicate that the bacteria on the surfaces do not have many urease enzymes since most of the 
urea has not been converted into ammonia.    
 
Because the ΔEC of the samples from experiment 3 was lower than expected and all sample 
types showed similar ΔEC values, another experiment was needed to determine if the EC 
method was suitable for the project. This was done in experiment 6. This time, the samples 
had higher EC in general, starting at 15.4 mS/cm instead of 9.5 mS/cm as in experiment 3. 
These starting values corresponded better with the starting values measured by Ray et al. 
(2017). However, the conductivity of these samples did not change very much after 24 hours 
of incubation. This time, the differences in ΔEC ranged between 0 mS/cm and -0.16 mS/cm 
for the highest and lowest values (Table 5). There was also no clear difference in ΔEC 
between the positive and negative controls.  
 
In summary, the electroconductivity measurements were inconsistent between sample types, 
contradicted literature, and the differences in conductivity were small. Therefore, converting 
the conductivity measurements into ammonia concentrations with the standard curves would 
not have produced reliable results. These factors led to the decision not to measure 
electroconductivity in the final experiment. However, this does not mean that the 
electroconductivity method cannot be used to study urease-active biofilms. It means that 
more information is needed to implement this method.  
 
First of all, more experiments are needed to compare the electroconductivity of positive and 
negative controls. In experiment 3, the wild urease-active biofilm sample was used as an 
inoculum. Since it is unknown which bacteria were urease-active in this biofilm sample, 
future experiments should evaluate urease activity using bacteria that are known to be urease-
active. The conductivity measurements should also be carried out over longer incubation 
times and in fed-batch cultures to determine how time and nutrient concentration affect 
biofilm activity. Once more information is available on the effects of urease-active biofilms 
on conductivity, it may be possible to apply the conductivity method to functionalized 
surfaces and use the standard curves to calculate the changes in ammonia concentration.  
  



 34 

4.2.5 Finding a Suitable Urease-Active and Biofilm-Producing Bacteria 
The project required a biofilm sample with urease activity to be able to study the growth of 
urease-active microorganisms on surfaces in the lab. Typically, urease-active bacteria can be 
found in areas with a high concentration of urea, like toilet bowls or pipes. Therefore, one of 
the bacterial sample types used in this project was a wild urease-active biofilm extracted from 
the water trap of a urine diverting toilet.  
 
Despite the fact that none of the restreaked colonies from the wild biofilm inoculum showed 
urease activity, the inoculum as a whole did. Therefore it was assumed that at least one 
urease-active species was present. The samples prepared from this urease-active biofilm grew 
well on glass, but the resulting biofilms were difficult to analyze when no information about 
the bacteria present was available. As an alternative, S. aureus, a well-known urease-positive 
bacteria found in urolith and struvite (Zhu et al. 2012), was used to simplify the analysis of 
the biofilms experiments. By using this bacteria instead, it was possible to guarantee that all 
biofilms contained urease. Urea positivity in this strain was confirmed by a urease test.  
 
Because S. aureus is also a gram-positive bacteria, it was no longer necessary to stain the 
biofilms using the entire Gram stain protocol, since gram-positive bacteria are usually stained 
only with crystal violet (Lee et al. 2015). Moreover, staphylococci have a diameter of 
approximately 0.5-1.5 μm, which proved useful in microscopy since the bacteria could now 
be used as scale bars to measure other structures.  
 
As many of the isolated bacteria from the wild biofilm inoculum were never identified, 
further testing and research is needed. The strains used in this project were analyzed using 
simple classical methods of microbial identification. These identification methods are based 
on cultures in which the biochemical and physical characteristics of the microbes are 
compared, such as their morphology and ability to ferment certain sugars. However, these 
types of identification methods are very time-consuming (Andrade et al. 2018). As the 
isolated wild-type strains did not exhibit urease activity and the project was on a tight 
timeline, exact identification of the strains was not a priority. Therefore, the strains were not 
analyzed in detail with the culture-based identification methods.  
 
To identify the strains in the wild sample more rapidly, other identification methods and 
techniques could be used. An example of a rapid, accurate and cost-effective identification 
method of high interest is mass spectrometry (MS) based on matrix-assisted laser desorption 
ionization technology (MALDI-TOF), which can identify microbes by using either intact 
cells or cell extracts. With the data from this process, a characteristic spectrum known as a 
peptide mass fingerprint (PMF) can be generated for analytes in a sample. This PMF can then 
be compared with PMFs of known organisms contained in a database to identify unknown 
organisms (Singhal et al. 2015, Andrade et al. 2018).  

4.2.6 Crystal Growth in the Synthetic Urine 
To simulate the environment in which urease-active bacteria grow in nature, the first 
experiments (experiment 1-5) used a synthetic urine medium to grow urease-active bacteria 
in the lab. Because the laboratory did not have any hydrated calcium chloride (CaCl2), which 
was required in the original recipe by Ray et al. (2017), some calculations had to be made in 
order to obtain the correct CaCl2 concentration. Due to the weight difference between the 
hydrated and unhydrated form of CaCl2, a smaller amount of hydrated CaCl2 was necessary 
in order to achieve the same concentration as in the original recipe (0.588 g/L). However, 
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when calculating the new concentration, the original concentration was divided by the molar 
mass ratio of the salts rather than multiplied, which resulted in an incorrect concentration of 
0.7789 g/L rather than 0.4439 g/L. This error was not discovered until after the experiments 
were completed. Since the incorrect salt concentration was nearly twice as high as the correct 
concentration, it is possible that it caused the crystal formations seen on the samples during 
the first three experiments (Figure 5a).  
 
Calcium oxalate, calcium phosphate, and uric acid crystals are some examples of crystals 
commonly found in human urine (Cavanaugh & Perazella 2019), where urease-active 
bacteria can be present. Compared to the crystals in Figure 4a, calcium oxalate and uric acid 
crystals appear to be the most similar. Since the miscalculation increased the concentration of 
calcium and chloride ions in the synthetic urine medium, it makes sense that calcium-
containing salts are more likely to form. However, this is nothing more than speculation since 
these crystals were never characterized in detail. Therefore, further research would be needed 
to accurately identify these crystals.  
 
To identify the crystals observed one could use X-ray diffraction (XRD), which is a powerful 
nondestructive technique for characterizing crystalline materials. In addition to providing 
information about crystal structures and phases, XRD data is also used in databases for the 
identification of crystalline samples (Fultz & Howe 2013, Kohli & Mittal 2019).   

4.2.7 Choosing the Growth Medium for the Final Experiment 
As crystals formed in the synthetic urine medium and no urease activity was detected in the 
biofilms, another growth medium was considered for the last experiments. Since there was 
already nutrient broth (NB) on hand, it was examined as an alternative. The results from 
experiment 5 indicated that S. aureus bacteria grew better in NB than in synthetic urine, 
therefore NB was used for the final experiments. It should be noted, however, that a study has 
shown that NB media is not well suited to growing biofilms, and that it does not particularly 
support growth of S. aureus monocultures (Wijesinghe et al. 2019).  
 
Because the synthetic urine used in this project was not correctly prepared, future studies will 
need to examine biofilm growth in correctly prepared synthetic urine before considering 
alternative growth mediums. Future experiments could also use human urine, but since 
urinary composition is highly dependent on various dietary components (Siener & Hesse 
2002), the composition of real urine may not be as consistent as synthetic urine. Ideally, the 
growth medium should reflect the environment in which the biofilm naturally occurs. Brain 
Heart Infusion (BHI) is a growth medium that has been shown to be effective for the growth 
of S. aureus biofilms in vitro (Wijesinghe et al. 2019). This medium, however, is not 
representative of the environment in which urease-active biofilms grow. 

4.2.8 Biofilm Growth and Analysis on Functionalized Surfaces  
To be able to compare biofilm growth on different surfaces, one must first define what a 
biofilm is. In this project, biofilms were considered to be present when small microcolonies, 
containing a few S. aureus, could be observed on the plates.  
 
During the final experiment, bacterial growth was observed on all the plates except the 
negative controls, so the plates should be considered to be covered with biofilms. From 
Figure 1, which illustrated the different stages of biofilm formation, one can determine that 
the biofilms observed in Figure 9 are most likely in the first two stages of biofilm formation, 
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which are surface attachment and microcolony formation. Furthermore, the results from the 
final experiment demonstrated that the first two batches of functionalized plates had similar 
biofilm growth, with most bacteria in the attachment stage, and less growth than some of the 
positive controls. It is possible that the antimicrobial properties of functionalized surfaces 
contributed to this difference.  
 
Among the more fascinating results of the final experiment was the growth of bacteria on 
PVD-coated functionalized plates, since the stained bacterial structures looked more three-
dimensional and mature in comparison to other plates. In addition, stained bacteria could also 
be observed beneath the PVD coatings. The biofilms on these plates may have matured more 
because they grew underneath functionalized TiO2 coatings, possibly providing greater 
protection against the environment. Another interesting observation from these results was 
that PVD plates exposed to UV-light had much less bacterial growth than samples not 
exposed. Since the UV-lights stopped working during the experiment, more research will be 
required to determine if this difference in biofilm growth was caused by UV-activation of the 
photocatalytic surfaces.  
 
Because there was some space between the glass plates and the functionalized PVD coatings, 
it is possible that some of the incubation medium was trapped underneath the coatings during 
incubation. If that happened, the coatings might have protected the incubation medium from 
being washed away, resulting in remnants of the incubation medium underneath the coatings 
instead of mature biofilms. Future studies should therefore focus on improving the PVD 
coating technique before attempting to use them in biofilm experiments, since the coatings 
should adhere tightly to the surfaces and not fragment.  
 
In the final experiment, all of the plates had a ring-shaped stain similar to that shown in 
Figure 8. Thus, it is possible that some of the stained bacteria in Figure 9 are not surface-
attached bacteria but free-floating bacteria from the incubation medium that adhered to the 
surfaces after washing and drying. It may be possible to solve this problem in future studies 
by optimizing the wash procedure. One option would be to repeat the wash process multiple 
times while changing the washing media each time. One could also test the quality of the 
wash by plating and counting cells in the final wash solution.  
 
As the final microscopy images were taken at random locations on each plate, the analysis 
cannot be considered standardized. This makes it more difficult to compare biofilm growth 
patterns on the surfaces, since the growth patterns might differ in different regions (e.g., the 
centers or edges of the plates). To avoid this problem and standardize the process, 
microscopy images should be taken at the same location on each plate, preferably in the 
center. 
 
If the plates are ring-stain-free and all microscopy images are taken at the same location, one 
could quantitatively measure biofilm growth using image analysis methods (Larimer et al. 
2015). By using quantitative image analysis, the area, volume, and thickness of the biofilm 
can be determined and used to determine the effectiveness of an agent (in this case, the 
functionalized surfaces). In order to determine the area of a biofilm on a surface, 
segmentation, which divides images based on attributes such as intensity and spatial 
relationships, can be used. With the segmentation method, thresholding is a common 
approach, which is effective when there are differences in pixel intensity between a biofilm 
and background (Vyas et al. 2016). In the thresholding process, the region of interest (ROI) 
in a selected image is enhanced by grouping the pixels based on the selected threshold value 
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(Rajinikanth et al. 2020). By grouping pixels in microscopy images, biofilms can be 
distinguished from the background, making biofilm coverage calculation easy. It is important 
that the background can be distinguished from the biofilm in order to perform this analysis. 
Therefore, surfaces that make it difficult to distinguish bacteria, such as those from batch 3, 
should be avoided if possible.  

5. Conclusion 
To conclude this project, we developed a method for growing biofilms on glass plates and 
tested the method using the functionalized surfaces. Despite the fact that bacterial growth was 
observed on all functionalized plates, there were some difficulties with the experimental 
setup that may have affected the results. Therefore, more studies are necessary before 
conclusions can be drawn regarding the functionalized surfaces’ antimicrobial properties. 
 
Due to the smearing of the manufactured functionalized surface coatings after baking, more 
time needs to be spent on optimizing the baking process. To determine the reason for the 
smearing, it is first necessary to determine the composition of the TiO2 pastes and the average 
atomic percentage of carbon in the coatings prior to baking.  
 
Considering that the quantitative methods tested for biofilm analysis during this project failed 
to quantify biofilm growth, future research should focus on finding more quantitative 
methods. Additional experiments using UV-light are also required in order to examine how 
the functionalized surfaces act as photocatalysts. More research on wild urease-active 
biofilms is required to grow and analyze urease-active biofilms in future experiments. A 
better understanding of the species diversity and the urease activity of wild biofilms will 
enable better biofilm experiments. 
 
The crystals formed on the synthetic urine medium-incubated plates were most likely caused 
by incorrect preparation of the urine medium. Even though it was not possible to fully 
identify these crystals, some suggestions were made about their identity and how they might 
be properly identified in the future. 
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Appendix 
A1. Extraction and preparation of wild, urease-active inoculum 
A biofilm sample was extracted from the water trap of a urine-diverting toilet (UDT) using a 
microspatula. The collected sample was then stored at 6°C in a sterile 50 mL Falcon tube. In 
order to separate the cells in the collected sample from mineral deposits, the sample was 
added to 30 mL of Tween solution and vortexed until homogeneous. The solution was then 
separated into two Falcon tubes, followed by the addition of 35 mL of NaCl to each tube and 
more vortex mixing. After mixing, the tubes were placed vertically in the rack and left to 
settle for a short period of time. Each tube's supernatant was removed with a 25 mL pipette 
and transferred to a sterile 200 mL E-flask. A total of 100 mL of inoculum was made. The 
inoculum solution was then pipetted into 1.5 mL screw-cap Eppendorf tubes, containing 1 
mL inoculum each.  
 
A2. Cleaning plates after incubation 
In order to remove loose bacteria, plates were dunked in deionized water five times after they 
had been removed from their growth medium. 30 mL of deionized water was used to clean 
each plate. Excess water was removed off by tilting the plates. Solutions that had been 
contaminated with bacteria were collected in a waste flask for subsequent autoclaving.  
 
A3. Standard curves for electroconductivity measurements 
In order to make the first standard curve for ammonia quantification, standard solutions of 
ammonium chloride (NH4Cl) in deionized water were used. When dissolved, the ammonium 
chloride molecule turns into ammonium (NH4+) and chloride (Cl-) ions. Since the standard 
solutions contain no other sources of nitrogen other than ammonium ions, the total amount of 
nitrogen (NH-N) in the standard solution is directly proportional to the ammonium ion 
concentration (NH4/L).  
 
First, a standard solution with the concentration 1000 mg NH4/L was made. This solution was 
then diluted 2:8 to make a solution with the concentration 200 mg NH4/L. This 200 mg 
NH4/L solution was then series diluted 1:1 four times to produce four more standard solutions 
with the concentrations 100, 50, 25 and 12.5 mg NH4/L. The absorbance of each solution was 
then determined using Appendix A4 and correlated with the concentrations to create a curve 
that correlated ammonia concentration with absorbance (Figure 11a).  
 

To create the second standard curve that correlates ammonia concentration to electro- 
conductivity (Figure 11b), three replicates of Jack-bean urease enzymes and synthetic urine 
were prepared and measured continuously over 19 hours. To make each replicate sample, 50 
ml of fresh synthetic urine was mixed with 26 mg of Jack-bean urease enzyme. After the 
samples were prepared, they were incubated at room temperature with a mixing speed of 150 
rpm. During incubation, electroconductivity and absorbance (Appendix A4) was measured at 
different time points. Eleven measurements were taken over a period of 19 hours, most of 
which occurred in the first six hours. Since much data was missing for the interval in between 
six and 19 hours, four more measurements were made in that interval later.  
 
After the measurements were complete, the absorbance values were then converted to 
nitrogen concentrations (NH-N/L) using the equation from the first standard curve.  
Next, the calculated nitrogen concentrations were plotted against the measured EC values 
(Figure 11b). In order to obtain the equation relating EC to nitrogen concentration, the plot 
was fitted with a trend line.  
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Figure 11. Standard curves for ammonia quantification.  The first curve (a) shows the absorbance measurement 
curve of standard solutions. The second curve (b) shows EC as a function of nitrogen concentration (NH-N g/L). 
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A4. Quantification of ammonia 
The concentration of ammonia in the sample liquids was analyzed using a kit called 
Spectroquant Ammonium Test from the company Supelco (United States) which measures 
ammonium ions and dissolved ammonia by using spectrophotometry. If there was ammonia 
present in a solution then the reagents from the test kit would react to produce a blue 
indophenol derivative, which could be measured photometrically. Since reagent blanks from 
the kit were yellow-colored, measured sample solutions were yellow-green to green in color 
depending on the amount of ammonia present. All ammonium test samples were measured at 
690 nm using a Thermo Aquamate spectrophotometer (Thermo ElectronLtd, UK). 
 
A5. Preparation of synthetic urine 
Synthetic urine was prepared according to the recipe in table A5. This recipe is based on a 
recipe found in an article by Ray et al. (2017).  
 
1 L of synthetic urine was prepared by first adding slightly less than 1 L (approximately 995 
mL) of deionized water to a sterile 1 L flask. This was done to allow room for the added salts, 
since the final volume would otherwise exceed 1 L and affect the salt concentrations. Since 
urea is temperature sensitive, it could not be added before autoclaving. After adding all salt 
reagents except urea, the synthetic urine mixtures were sterilized by autoclaving. The 
synthetic urine salt mixtures were then stored at room temperature until they were needed for 
experiments. Before the salt mixtures could be used in experiments they needed to have urea 
and the right pH-value (6.0). By mixing 100 mL of autoclaved salt mixture with 1.5 grams of 
urea, smaller amounts of synthetic urine could be prepared. The pH of the solutions were 
only adjusted after urea had been added. The pH was adjusted by adding small amounts of 1 
M NaOH while mixing the solution. Before each pH measurement the pH-electrode was 
calibrated using a three-point calibration curve.  
 
Table A5: Synthetic fresh urine composition. The value shown in the parenthesis is the 
incorrect concentration of CaCl2 that was calculated and used for the experiments.  
Compound Concentration (g/L) 

Urea 15.0075 

NaCl 2.5715 

Na2SO4 2.1305 

KCl 2.982 

MgCl2 • 6H2O 0.813 

NaH2PO4 2.3995 

CaCl2 0.44394 (0.7789) 

pH 6.0 
 
A6. Taping plates  
A clear packaging tape was carefully applied to all bottom-facing sides of the plates in order 
to prevent unwanted biofilm formation. To cover the plates, a long strip of tape was applied 
with its sticky side facing up on a table, then each plate was carefully placed on the tape 
using forceps.  


